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ABSTRACT
Microphysiological systems are three-dimensional (3D) in vitro systems that recapitulate
crucial biological aspects of cell heterogeneity and native tissue architecture by mimicking
complex structures that are impossible in two-dimensional (2D) cell cultures. Microelectrode
arrays (MEAs) are biosensors used to spatially and temporally monitor the activity of
microphysiological systems by transducing cellular signals into electronic signals to provide
quantitative data on the in vitro system. Conventional MEAs are typically planar in nature,
however, 3D MEAs offer several advantages such as better simulation of an in vivo cellular
environment and improved signal-to-noise ratio and cell-electrode coupling. MEA fabrication
utilizing traditional cleanroom methods is rather extensive, expensive, and specialized, therefore
this thesis presents a transition from 2D MEAs fabricated via the cleanroom approach to 3D MEAs
fabricated via the makerspace approach utilizing polymers. The first study in the thesis discussed
the fabrication and characterization of 2D MEA devices using cleanroom methods and investigated
post-processing methods to address limitations that arise for planar devices. The next study
introduced the makerspace approach, where benchtop techniques were used to successfully
fabricate and characterize a fully functional 3D MEA. A subsequent study investigated another
benchtop method to define an electrical insulation using a pour-spin method of polystyrene
solution. However, there was a challenge of adhesion of the PS to the substrate, which was
improved by both utilizing another type of printer and functionalizing these surfaces with
polydopamine. In the final study of the thesis, a benchtop technique called electrospinning was
used to define synthetic polymer-based nanofibers atop of the 3D MEAs to simulate extracellular
matrices as well as demonstrate their potential as drug delivery systems. This thesis demonstrates
the highly versatile nature of makerspace microfabrication utilizing polymers to allow for new
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processes that offer advanced functionalities when producing microdevices such as 3D MEAs
interfacing with microphysiological systems.
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CHAPTER 1: INTRODUCTION
1.1 Motivation and Goals of this Dissertation
Today, our understanding in in vitro cell biology is greater than it’s ever been before but this
is only part of the overall picture. Static monolayer monocultures of cell lines and primary cells
have provided significant insight into biological processes at the intracellular and planar levels but
fail to extrapolate to the contributions to network, tissue, and organ function in vivo [1]. This is
especially obvious in pharmacological research when attempting to discover new drugs and
assessing their viability. Although animal models are often used to surrogate the understanding of
biological processes such as drug response, at the organ and organism level, animal testing is often
not predictive of human responses as there are significant differences in the metabolic and
signaling mechanisms [2]. However, with the development of microelectronics, microfluidics, cell
culture technologies and tissue engineering, there has been a shift to developing three-dimensional
instrumented tissue structures called microphysiological systems (MPS) which could serve as a
vital intermediary between animal testing and full on human clinical trials [3].
MPSs are three-dimensional (3D) in vitro systems that recapitulate crucial biological
aspects of cell heterogeneity and native tissue architecture by mimicking complex structures of
organ systems that are impossible in two-dimensions or planar geometries (2D) [4]. Although
MPSs were initially created to increase the efficiency and safety of pharmaceutical research [5],
other applications are also available that utilize the physiological relevant models by investigating
the intimate biological connections across multiple dimensions of complexity such as the
molecular, structural, and temporal scales [6]. Some of these applications include, but are not
limited to, stem cell research, metabolic studies, infectious disease studies, controlled microbiome
studies, environmental toxin studies, and disease modelling.
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MPSs have integrated electrical components to allow for real-time outputs by electrical
measurements of cell function in response to its environment, to provide insight into cell-cell
interactions, morphology, and electrophysiology as a means to interrogate the tissue’s health,
function, and response to exogenous stimuli [7]. One of the most well-known technologies that
have been developed for such a task is a microelectrode array (MEA), in which a surface or
substrate is embedded with microelectrode sensors that are intimately interfaced with cells. MEAs
can be further functionalized to provide additional functions and desired properties to serve as
powerful tools for interfacing with a MPS on-a-chip. Some of these additional functions that MEA
platforms can provide as substrates to MPS cultures include: 2D/3D extracellular matrices, proper
dynamic mechanical, chemical, and electrical cues [2].

1.2 MEAs as MPS Interfacing Platform
As mentioned previously, MEAs contain an array of substrate-integrated microelectrodes
and are well-established platforms that are non-invasive, label-free, applicable for long-term
studies, and can provide quantitative information of electrical activity [8]. MEAs can detect
changes in local field potentials as a result of momentary change of transmembrane or extracellular
voltage of a cell in close proximity [9]. This is performed by recording the sum of the potential at
the surface of a reference electrode and the surface of the microelectrode covered by the cell
membrane cultured on top of the microelectrode. However, these electronics are not limited to
passive sensing changes in electrical potentials from electrogenic cells but can also be used to
actively monitor non-electrically active cells by applying electrical potentials or currents and
measuring the resultant resistivity and conductance of cell monolayers [7]. Therefore, MEAs are
fantastic instrumental platforms for MPS tissue structures as they provide a path to fully
understand bioelectronics from ion channels to organ functions. As observed in Figure 1.1, across
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the body there are many modes of electric-based sensing/stimulus delivery that can be measured,
analyzed and evoked [7].

Figure 1.1 Summary of the types of electric-based sensing possible with MEAs as platforms for
MPSs. Reprinted from [7] under a Creative Commons Attribution-NonCommercialNoDerivatives 4.0 International license.
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In addition to single cell monitoring, MEAs also have the capability to observe
synchronized activity of cellular networks, or tissues, detected across multiple microelectrodes on
an array as can be seen in Figure 1.2. This capability is especially of importance for investigating
MPSs, where multiple tissue or organ models may be present and interactions between and within
these models be monitored simultaneously. Spatial and temporal synchronization and organization
of cellular activity are determined by MEAs by recording from localized sites in parallel over long
periods of time [10]. This recorded activity is subsequently evaluated to provide insight into the
health and communication throughout the network of cells. Therefore, MEAs provide a noninvasive method to monitor the growth, health, communication, and response to stimuli of cells in
vitro over time.

Figure 1.2 Extracellular recording of cell or tissue activity with microelectrode. Image reproduced
from NMI TT Microdevices https://www.nmi-tt.de/microdevices/meas/ [11].
Planar or two-dimensional (2D) MEAs have been used to investigate electrogenic cellular
networks for the past 50 years ever since they were first introduced to the community by Thomas
et al. and Gross et al. in the 1970s [12]. MEAs have developed exponentially since they were first
devised with the development of fabrication techniques, equipment and applications. For instance,
MEAs can now be fabricated with complementary metal-oxide-semiconductor (CMOS)
technology to achieve single-cell or even subcellular spatial resolution [13]. But a major limitation

4

in MEA technology has been finding methods of improving their performances in regard to
sensitivity, cell-electrode coupling, and signal to noise ratio (SNR) during recording and even
stimulation [14]. However, these limitations can be addressed with exquisite material and design
engineering to enable high resolution recording of extracellular signals and achieve optimal device
performance in 2D.
However, there are still disadvantages of 2D MEAs just as there are for planar cell cultures
and this mainly includes the loss of three-dimensional cellular arrangement (more representative
of in vivo conditions) in addition to the aforementioned limitations [15], [16]. This loss of threedimensionality plays a role in the cell morphology, growth and proliferation, viability, gene and
protein expression, and response to mechanical and electrical stimuli and therefore is a limitation
that must be addressed especially for MPS applications [17], [18]. Although, the sensitivity, SNR,
and cell-electrode coupling issues for planar MEAs can be addressed with advanced engineering
methods, transitions to three-dimensional (3D) microelectrodes to achieve 3D MEAs have been
demonstrated to provide promising solutions for current and next-generation studies [14].

1.3 Microfabrication of MEAs
Conventional 2D MEA microfabrication involves the use of cleanroom technologies such
as lithography, metallization, and etching on silicon or glass substrates [19]. These techniques on
planar surfaces are challenging enough that moving to 3D MEA fabrication becomes particularly
difficult. Various 3D MEAs have been fabricated on traditional silicon/glass substrates [15], [20]–
[22] and nontraditional substrates such as parylene and polyimide [10], [23]–[25]. The state-ofthe-art 3D MEAs are silicon based in vivo devices such as Michigan Probes, Utah Arrays, and
European Union (EU) NeuroProbes that are all commercial and have been used in human clinical
trials [26]–[28] but the fabrication of these devices involves extensive cleanroom processing and
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complex assembly methods [29]–[33]. Furthermore, these devices are tailored for in vivo and
implantable applications and may not fit the need of benchtop MPS assays. Therefore, the
production of 3D MEAs is expensive, time-consuming, and only available to end users with access
to extensive facilities.
More recently, rapid prototyping technologies have emerged for cost-effective and ondemand microfabrication processing of device fabrication that would traditionally be processed in
a cleanroom [34]. These technologies include benchtop manufacturing instruments/techniques of
simple materials found in makerspaces, which are physical spaces readily available for users to
access additive and subtractive tools to fabricate almost anything [35]. The use of simple materials,
particularly polymers, and benchtop manufacturing tools to process/microfabricate devices
remove the necessity for cleanroom facilities and specialized training in photolithographic
methods. Furthermore, makerspaces bridge the biological application and materials compatibility
gap to the device fabrication to allow for highly customizable tools for specific MPS applications.
The highly flexible and adaptive nature of makerspace microfabrication allows for new
processes offering advanced functionalities to be added to the toolbox in order to realize
microdevices such as 3D MEAs [35]. Additionally, polymeric materials show promise with regard
to biocompatibility, surface modification, integration of functional materials, and ease of
manipulation as the material choice for 3D MEA fabrication.

1.4 Dissertation Overview
The goal of this dissertation is to design and develop MEAs intended to interface with MPS
platforms. Specifically, the transition of these sensors from planar MEAs fabricated via traditional
methods to 3D MEAs fabricated via non-traditional materials and techniques will be demonstrated.
Non-traditional methods of functionalization utilizing polymer materials will be introduced and
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presented as a proof-of-concept to achieve certain functionalities desirable for MPS. The devices
will analogously be characterized to determine their material, electrical, and biocompatibility
properties.
This Introduction chapter serves as the motivation and need for MEAs, highlighting the
transition from 2D to 3D MEAs, as well as introducing the new makerspace approach for
microdevice fabrication as an alternative to cleanroom approaches.
Chapter 2 is the 2D to 3D transition chapter where conventional approaches are combined
with bioprinting to improve cell-electrode coupling in 2D. This chapter introduces work on a
traditional cleanroom approach of fabricating 2D MEAs with a dense array of microelectrodes. In
this work, the MEA biosensor’s sensitivity and cell-electrode coupling are improved by means of
precision electrodeposition of a nanoporous metallic material and precision plating of cells,
respectively. The techniques utilized in this work showed enhanced characteristics in all of the
evaluation techniques such as nanoscale surface area, RMS noise, impedance, electrode
capacitance, SNR, and cell-electrode coupling. Here we will demonstrate the extent of postfabrication functionalization and processing we can achieve in 2D to improve planar MEA
performance.
The following chapters will provide several new techniques that our lab introduces to add
to the toolbox of makerspace microfabrication technologies for 3D MEA realization, focusing
mainly on developing polymer-based methodologies. Chapter 3 will introduce one of the main
techniques used in makerspaces, and especially in fabricating most of our devices, 3D printing. In
the work presented in this chapter, the rapid fabrication of 3D MEAs is demonstrated to be a
technically robust and fully functional device for in vitro applications. This work also highlights
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the utilization of both makerspace and conventional techniques used to fabricate 3D MEAs and
demonstrates the successful housing of a peripheral “Nerve-on-a-Chip®” MPS on the platform.
Chapter 4 introduces a unique makerspace benchtop method of defining insulation layers
to the previously fabricated 3D MEAs. The definition of insulation for the 3D MEAs using
makerspace techniques was demonstrated in chapter 3, however, to decrease the number of steps
and improve the cell-electrode coupling another method was developed. This method involves a
facile spin-coating technique of a polystyrene solution followed by laser ablation to define a fine
microelectrode opening. However, an issue with the polystyrene insulation layer adhesion to the
substrate arises when incubated during cell culturing. Therefore, we use polymer functionalization
to define polydopamine nanoaggregates on the surface of the MEA substrates to act as an adhesion
layer for the polystyrene layer. The insulation definition and adhesion improvement in 3D are both
developed and characterized in this chapter.
Finally, chapter 5 introduces a unique technique of defining a synthetic extracellular matrix
atop of the previously fabricated 3D MEAs. This synthetic extracellular matrix is achieved by
electrospinning to produce nanofibers, which can then be further functionalized. This work
demonstrates how the nanofibers sitting on top of the 3D MEAs do not affect the performance of
the sensor but rather provide a biomimetic matrix for cells to better attach to and grow on.
Additionally, to demonstrate that the nanofibers can function drug delivery systems, in addition to
synthetic extracellular matrices, the nanofibers are loaded with silver nanoparticles and
successfully resulted in the release of the particles.
Chapter 6 concludes the dissertation work and summarizes all the contributions emanating
from this thesis.
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CHAPTER 2: FABRICATION AND CHARACTERIZATION OF PLANAR
MEAS
Adapted with permission from: Azim N., Hart C., Sommerhage F., Aubin M., Hickman J. J.,
Rajaraman S, “Precision Plating of Human Electrogenic Cells on Microelectrodes Enhances with
Precision Electrodeposited Nanoporous Platinum for Cell-Based Biosensing Application” IEEE
Journal of Microelectromechanical Systems, 2019. 28(1): p. 50-62. Copyright 2019 IEEE.

2.1 Introduction
In order to enable planar MEAs to be utilized as efficient probing platforms of MPSs, some
of their existing interfacing limitations have to be addressed. The spatial and temporal resolutions
of MEAs can be improved by decreasing the size and increasing the density of the microelectrodes
to improve the capture and specificity of electrogenic cell activity [1]. However, the tradeoff of
smaller electrodes is higher impedance, which is due to the noise associated with electronic
systems known as Johnson-Nyquist noise, or thermal background noise and represented by its root
mean square (RMS) value [2]. Therefore, to reduce the RMS noise, and thereby improve the signalto-noise ratio (SNR) of an electrode, the impedance needs to be decreased by some means. This
can be done by increasing the surface area of the electrode relative to the geometric area by
introduction of nanostructures [3], [4]. Nanoporous platinum (NP Pt) is an inert conductive
material known for its high electronic conductivity, biocompatibility, and catalytic activity [4]–
[8]. The nanoscale definition of NP Pt results in a larger surface area, which lowers the impedance
of microelectrodes, thereby increasing the SNR of the MEA device.
In this study an Application Specific Integrated Circuit (ASIC) was used to precisely
electrodeposit NP Pt onto thin film Au electrodes of a single-well MEA device with 64microelectrodes fabricated via photolithography and subsequent packaging. NP Pt is typically
12

deposited either by chemical or electrochemical reduction from platinum salts, or precursors, such
as hexacholoroplatinate, a four-valent chloride-complex [8], [9]. Electrochemical reduction of
platinum is typically performed in a three-electrode system such as potentiostats. Porous structures
are deposited when the deposition current density is close to the limiting current density, which
defines the maximum rate of electroactive species transfer present in the solution to the electrode
[9]. The electrochemical reaction takes place in three main steps: 1. The transport of platinum ions
from the bulk solution to the cathode interface; 2. The removal of ligands from the complexed
platinum ions; 3. Electron transfer from the electrode to the electroactive species [10]. The
reduction reaction takes place when the electrode potential is more negative than the redoxpotential of the respective platinum redox reaction.
ASIC, which is a complimentary metal-oxide-semiconductor (CMOS) derived electronic
integrated circuit, was developed to interface with electrically active cells with the ability for
simultaneous stimulation and recording of electrogenic cells with improved artifact suppression
[11]. This current stimulation functionality of the electrogenic ASIC was used for precise,
controlled, and uniform deposition of NP Pt. Such a system-level approach of combining CMOS
circuitry with glass or other transparent substrate based MEAs is different from the utilization of
the CMOS circuit as a MEA with post processing technologies and packaging [12], [13]. The
CMOS approach enables a high density of electrodes but has to contend with issues such as the
inability for the optical manipulation of electrogenic cells and long-term biocompatibility issues
due to the inflexibility in the substrate (silicon). Not to mention only a few groups in the world
have the capability to develop CMOS MEAs. The ASIC controlled precision electrodeposition of
NP Pt allows for reproducibility and controllability of the electrodeposition process, which is of
importance to keep the physical and electrochemical properties of microelectrodes the same
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throughout a device [14]. The one-to-one correspondence between the current stimulators in the
ASIC and the MEA (both 64 in number), enable simultaneous, highly precise electroplating of all
electrodes.
Cell-electrode coupling has been studied in great detail for MEA devices utilized as
biosensors [15], [16] and while micropatterning is a powerful technique for cell organization on
substrate-integrated electrodes, current methods require complex and specialized equipment that
are not readily accessible in most laboratories. Therefore, patterning is often not feasible, and cells
are cultured in high densities on MEAs to increase the probability of cell-electrode coupling.
However, there are disadvantages associated with such plating techniques as well. For instance,
dead cells or cellular debris can occur on top of the electrodes preventing the detection of signals
from live cells. In addition, the presence of dead cells and high concentrations of cellular debris
can inhibit the regeneration of living cells after seeding and prohibit them from expressing
electrical activity. For cells from human sources, the process of culturing at high cell densities can
additionally get cost prohibitive. Therefore, reducing the number of cultured cells per device and
focusing their presence to the vicinity of electrodes remains an attractive approach.
Cell printing has gained traction in the field of biology, this technique was initially based
on inkjet printing approaches either with cells suspended in bioink or printed onto “biopaper” [17]–
[21]. More cell-friendly methods, mostly used to create three-dimensional grafts, scaffolds and
cell structures in regenerative medicine and associated fields of research, have been developed
[22]. However, two-dimensional cell printing or cell plating can be a viable approach to reduce the
number of cultured cells in a cell-based biosensor device and hence improve the placement of cells
on electrodes. Considering the relatively high cost of human stem-cell derived electrogenic tissues,
cell printing can bring an additional benefit as it reduces the cost of each experiment by placing
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cells only where they are needed. This study employed human stem-cell derived motoneurons and
cardiomyocytes to test the NP Pt enhanced microelectrodes for efficiency and biocompatibility.
Droplets of media containing a small group of cells were place onto protein-coated surfaces using
a micro-dispenser device. The approach introduces a method of precise, non-cleanroom-based
patterning of cells on electrodes to increase the probability of cell-electrode coupling and reduce
inaccuracies and expenses associated with cell plating [17]. Figure 2.1 depicts a schematic
comparing conventional high-density plating techniques on gold microelectrodes to precision
plating of cells on precision plated NP Pt microelectrodes and highlights some of the advantages
mentioned above.
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Figure 2.1 Schematic representation of a dissociated cell culture and hand plating of cells (purple)
on gold microelectrodes (a); schematic of the approach reported in this paper with precision plating
of human cells (purple) on precision defined nanoporous platinum electrodeposited
microelectrodes (b).
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2.2 Materials and Methods
2.2.1

Design

A computer aided design (CAD) software, AutoCAD 2016 (Autodesk, USA), was used to
design MEA chips of 12 mm by 12 mm size with insulation and metal layers, Figure 2.2a. The
design contained an 8 by 8 array of 64 electrodes with diameters of 25μm with a pitch of 200μm.
The chip design also contained four internal reference ground electrodes and alignment marks
defined on both the metal and the insulation layers. The rectangular internal ground electrodes for
the metal layer had dimensions of 740μm by 120μm. The internal ground electrodes provide the
following advantages over external ground electrodes such as ease of access and manipulation due
to a direct definition on the chip, decrease in the probability of infection and decreased interaction
with cells. Mylar masks for both layers were printed at a resolution of 32,512 Dots Per Inch (DPI)
(Fineline Imaging).
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Figure 2.2 Schematic of fabrication process flow (side and top side views)- 64 electrode MEA die
with respective layers (a); close up of array (b); close up of microelectrode (c); close up of internal
ground electrode (right) and alignment mark (left). Note: dimensions are not drawn to scale.
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Printed circuit boards (PCBs) were designed using Altium 17 (San Diego, California, USA)
to be compatible with the Axion BioSystems MUSE electrophysiology (Atlanta, Georgia, USA)
measurement system. The PCBs contained 72 contact pads and routing traces defined in a twolayer PCB. The minimum feature size, between traces that had a width of 250μm, was 75μm.
Through metal vias interconnecting the top and bottom pads for bottom side electronics access
was 500μm in diameter with a pitch of 650μm. PCBs were also designed to have a central port to
allow for the viewing of cells by transmitted light microscopy. Both the masks for the MEA die
and the PCBs were designed to have alignment marks to allow for guidance and ease of attachment
of the MEA die onto the PCBs.

2.2.2

Fabrication

A schematic of the process flow for the MEA chips is depicted in Figure 2.2 The MEA
chips were fabricated on a 4 inch, 500μm thick borofloat 33 glass wafer (University Wafer, South
Boston, Massachusetts, USA). The wafer was cleaned with solvents and rinsed with DI water. The
wafer was subsequently coated with the negative photoresist NR9-3000 PY (Futurrex, Franklin,
New Jersey, USA) with the following parameters: 800-500-40s. using a spin coater (100CB Cost
Effective Equipment, Rolla, Missouri, USA). As the next step in the process, the spin coated wafer
was soft baked for 1 minute at 150 °C on a hot plate (PC-620D, Corning, Corning, New York,
USA). This step was followed by an exposure of the wafer with a dosage of 108mJ/cm2 at 365
nm, UV light using an EVG620 Mask Aligner (EV Group, St Florian am Inn, Austria) and an
immediate post exposure bake step for 1 min 30 seconds at 100 °C on a hot plate. The wafer was
subsequently developed with RD6 developer (Futurrex, Franklin, New Jersey, USA) for 20
seconds. A descum process performed in a PE-50 Plasma Cleaning System (Plasma Etch, Carson
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City, Nevada, USA) for 1 minute to remove any excess photoresist and to prepare the wafer for
metallization followed this step.
In order to define the metallization layer, titanium (Ti, 99.995% purity pellets) and gold
(Au, 99.999% purity pellets) (Kurt J. Lesker, Jefferson Hills, Pennsylvania, USA) were deposited
by electron-beam (E-beam) evaporation (Thermionics Laboratory Inc., Hayward California,
USA). Both the Ti and Au layers were deposited in a vacuum of 3.1×10−6 Torr to a thickness of
10 nm at a deposition rate of 1.0 Å/s and 100 nm at 1.0 Å/s, respectively. As the next step, a liftoff process was performed using an acetone (Thermo Fisher Scientific, Waltham, Massachusetts,
USA) ultrasonication bath (Thermo Fisher Scientific) for 10 minutes. The wafer was observed
under a microscope for the definition of the metal traces, disconnects, shorting, debris etc.
Next, the insulation layer was defined. The metallized wafer was cleaned with the
following solvents: acetone, methanol, IPA and DI water, and then a layer of GM 1050 SU-8
(Gersteltec Sarl, Pully Switzerland) was spun coated on the wafer utilizing the following
parameters: 1660-100-40s. Subsequently, the wafer was soft baked on a hot plate using a
temperature ramp from room temperature to 65 °C over a period of 5 minutes. The wafer remained
at 65 °C for 5 minutes. Subsequently, another temperature ramp from 65 °C to 95 °C was
performed over a period of 5 minutes and the wafer remained at 95 °C for 10 minutes. The wafer
was allowed to return back to room temperature. This was followed by an exposure of the wafer
with a dosage of 108mJ/cm2 utilizing the exposure tool that was used for the metal layer. The
wafer was subsequently post exposure baked using a temperature ramp from room temperature to
65 °C over a period of 5 minutes and remained at 65 °C for 1 min. Subsequently another
temperature ramp from 65 °C to 95 °C over a span of 5 minutes was performed and held at 95 °C
for 5 mins. Finally, the wafer was developed in propylene glycol methyl ether acetate (PGMEA)
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(MicroChem Corporation, Newton, Massachusetts, USA) for 1 minute and 30 seconds followed
by an immediate isopropanol rinse for 5 seconds. After the insulation layer was defined, the wafer
contains 36 individual die was ready to be diced for packaging and testing.

2.2.3

Packaging

A schematic of the packaging process is provided in Figure 2.3a-d. A laser dicing technique
utilizing an Eolite QuickLaze 50ST2 Nd:YAG laser (New Wave Research Inc., Fremont,
California, USA) was developed. This multimodal laser was operated at the green wavelength (532
nm) at 100% energy (2.7mJ) through the 50X objective with a travel rate of 200μm s-1 and at a
frequency of 50 Hz which resulted in 50μm wide scribe lines across the 4-inch wafer. With the
precise definition of these scribe lines on the wafer outlining the separate die, the wafer was cut
into individual die by applying pressure to break along the scribe lines. Printed Circuit Boards
(PCBs) (Figure 2.3a) were designed using Altium software as described in section 2.2.1 and were
ordered from Silver Circuits (Petaling Jaya, Selangor, Malaysia). The copper traces of PCBs were
35μm thick and had an electroless nickel immersion gold (ENIG) surface plating finish. The ENIG
surface plating has advantages such as oxidation resistance, good electrical performance, acting as
a barrier for thermal diffusion, and a long shelf life. Individual die were attached to the PCB
(Figure 2.3b) utilizing the alignment marks defined on both the die and the PCB, as described in
section A, with 353ND epoxy (Epotek, Billerica, Massachusetts, USA). In the next step, the glass
MEA die was wirebonded to the PCBs (Figure 2.3c) using an iBond 5000 Ball (Kulicke & Soffa,
Singapore) ball wire bonder with 20μm gold wires. All parameters, except for the work holder
temperature, on the ball bonder had undefined units. The follow parameters were developed for
the gold ball bonding process: the work holder set to 100 °C, high ultrasonic power set to “2.5”,
bond time to “2”; bond force to “2”; loop to “10”; tail to “5” and ball size to “4”. These parameters
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resulted in excellent ball bonds that attached the gold landing pads on the glass die to the ENIG
coated copper landing pads on the PCBs.
Culture wells were designed with SolidWorks (Dassault Systems, Waltham,
Massachusetts, USA) and 3D printed using a Form 2, Formlabs 3D Printer with the photopolymer
clear resin, FLGPCL02. These were designed to have structures on the bottom to guide the
orientation and placement of PCB with the wirebonded glass die during attachment. They were
also designed to have channels around the area of intended PCB placement, in which the epoxy
was dispensed. These culture wells were attached to the wire bonded devices (Figure 2.3c and d)
using 353ND epoxy, achieved by using a 28-gauge syringe tip to dispense enough epoxy to fill the
channels, and subsequently cured in an oven at 50 °C for 3 hours. An optical image of completely
packaged device is depicted in Figure 2.3e.
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Figure 2.3 Schematic of process flow for the assembly process of the MEAs – PCBs designed and
fabricated (a); MEA die were attached by epoxy and wirebonded with Au (b); a culture well was
then attached onto the PCB/MEA with epoxy (c); NP Pt was then electrodeposited onto Au
electrodes (d); optical image of an assembled MEA (e).
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2.2.4

Precision Electrodeposition

Once the packaging processes are completed, the devices were ready to be electrodeposited
with nanoporous platinum (NP Pt) as depicted in the fabrication schematic (Figure 2.3d). Precision
electrodeposition of NP Pt was performed utilizing the electrogenic ASIC in the Axion
BioSystems

MUSE

system [11],

[23].

As

described

previously,

in

this

study

the electrogenic ASIC, originally intended for stimulation and recording of cells, utilizes a current
stimulation function to electrodeposit NP Pt.
Platinum electroplating solution (1.01% weight) was prepared using 3.75 mL of 8%
chloroplatinic acid (Sigma-Aldrich), 0.2 mL of 0.05% lead acetate (Sigma-Aldrich, St. Louis,
Missouri, USA), 4.065 mL of 1.23 M HCl (Thermo Fisher Scientific, Waltham, Massachusetts,
USA) and 2.085 mL DI water. Approximately 3 mL of this solution was transferred into the
packaged devices, which were then placed in the Axion BioSystems MUSE setup and prepared
for electrodeposition. The electrogenic ASIC within the Axion MUSE system is addressed
utilizing the AxIS software provided with the system. Within the software, the stimulation studio
module was used to develop the current stimulation recipe. The following final parameters were
developed as the electroplating recipe after a variety of different experiments: a biphasic pulse was
used in the current stimulation mode with the following values for electrodeposition: voltage
amplitude, current amplitude, and current duration were set to 0mV, 100μA, and 10,000μs,
respectively, for the first phase and −1500mV, −4μA, and 10,000μs, respectively, for the second
phase. Electrodeposition with the 64 current stimulators in the electrogenic ASIC, each tied to a
single electrode are simultaneously engaged for deposition of NP Pt at a current density of
0.56A/cm2 on the gold electrodes. The entire process is performed for 4, 8 and 16 minutes for
various devices.
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2.2.5

Cell Culture Protocols and Precision Plating

Human electrogenic cells were cultured as described earlier [24]. In brief, human motoneurons
(Neural Stem, Rockville, Maryland, USA) and human induced pluripotent stem cells (iPSCs)
differentiated into cardiomyocytes (Cellular Dynamics International, Madison, Wisconsin, USA)
were thawed and subsequently plated in a 60 mm petri-dish coated with 1 mL of laminin (Sigma
Aldrich) solution for motoneurons or 1 mL of fibronectin (Sigma Aldrich) for cardiomyocytes
three to four days prior to the precision plating step.
Precision plating of the cells was performed using a modified regenHU 3D Discovery Fluid
Dispenser (regenHU Ltd) in a semi-sterile environment as described earlier [24]. Programs
controlling the plating patterns were designed with BioCAD (regenHU Ltd., Villaz-St-Pierre,
Switzerland) or simple GCode. Cells were transferred into dispenser syringes at densities between
5×106 and 6×106 cells/mL. After precision plating, MEA surfaces were placed in an incubator for
20 to 30 minutes to allow the cells to adhere to the surfaces. Media with an antimicrobial
(streptomycin) and an antibiotic (penicillin) was added at this point to the entire culture well to
protect the cells from any contaminants that may arise from precision plating in a semi-sterile
environment [24]. Partial media changes occurred every three to four days for both human
motoneuron and human cardiomyocyte cultures.

2.3 Results and Discussion
2.3.1

Electrodeposition of Nanoporous Platinum on Microelectrodes

Scanning electron microscopy (SEM) images of the precisely electrodeposited nanoporous
platinum (NP Pt) microelectrodes are provided in Figure 2.4. SEM is a microscopic method that
produces images of the sample by scanning the surface with an electron focused beam. The
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electrons from the beam interact with the atoms of the sample and produce various signals
containing information about the surface topography and composition [25]. SEM can provide
images of samples with magnification up to 1,000,000X and resolutions down to 1 nm. There are
various signals that can be collected using this technique, including the ability detect characteristic
x-rays emitted from the sample, which can provide the elemental analysis on the surface, this is
also called energy-dispersive X-ray spectroscopy (EDS) [25].
The microelectrodes were located under the SU-8 insulation openings, which define a
microelectrode diameter of 25μm and a height of 5μm. From the SEM images, it’s apparent that
the NP Pt microelectrodes contain porous structures of approximately 100 nm that fill the open
areas in the insulation wells. This technique is therefore demonstrated to be a highly controlled
and precise way of depositing NP Pt only on the microelectrodes as the deposition is restricted
only to conductive areas, which were originally the gold microelectrodes.

26

Figure 2.4 Results of the precision electrodeposition process – SEM image of the side view of a
representative 25 μm electrode with precise electrodeposited NP Pt (a) and higher magnification
image of the side view of the NP Pt microelectrode depicting the nanostructures (500 nm ± 123
nm) and a step of ~1 μm between the top of the SU-8 layer and the top of the NP Pt layer (b).
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The recipe used to functionalize these microelectrodes was pioneered by Kohnrausch in
1897 and started from an electrolyte composed of platinum chloride to lead acetate to water in a
ratio of 1:0.008:30 and current density of 0.03 A/cm2 [26]. However, our recipe is slightly modified
because we have a mass ratio of approximately 1:0.0003:30 as it has been previously reported that
a deduction of lead acetate concentration is desirable. The electrodeposition of platinum ions from
chloroplatinic acid solution involves three main steps [27]:
𝑃𝑡𝐶𝑙62− + 2𝑒 − ⇌ 𝑃𝑡𝐶𝑙42− + 2𝐶𝑙 −

(1)

𝑃𝑡𝐶𝑙42− + 2𝑒 − ⇌ 𝑃𝑡 + 4𝐶𝑙 −

(2)

𝑃𝑡𝐶𝑙62− + 4𝑒 − ⇌ 𝑃𝑡 + 6𝐶𝑙 −

(3)

The presence of strong acid, such as the 1.23 M HCl present in our recipe, aids in the formation of
the PtCl42- species. Lead is present to decrease the overpotential and increases the rate of the
reduction of PtCl62- [27]. Additional reactions during the electrodepositions of hydrogen, chloride
lead, and acetate ions can be found in the following reactions [26]:
2𝐻+ + 2𝑒 − ⇌ 𝐻2

(4)

𝐶𝐻3 𝐶𝑂𝑂− + 2𝑒 − + 3𝐻+ ⇌ 𝐶𝐻3 𝐶𝑂𝐻 + 𝐻2 𝑂

(5)

It should be mentioned that the hydrogen gas produced in reaction (4) may be aiding in the
reduction of Pt by the following reaction [26]:
𝑃𝑡 2+ + 𝐻2 ⇌ 𝑃𝑡 + 2𝐻+

(6)

A study of deposition time was performed to demonstrate exquisite control over the fill
factor of the deposited material using SEM. Figure 2.5 provides SEM images for electrodes with
NP Pt deposited at 4, 8 and 16 minutes using a current density of 0.56A/cm2. The granularity of
the electrodes per parameter was analyzed using ImageJ (National Institute of Health) and
determined to be 317 nm ± 146 nm, 124 nm ± 37 nm and 100 nm ± 20 nm for 4 minutes, 8 minutes
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and 16 minutes of electroplating, respectively. The microelectrode electroplated at 8 minute
demonstrates a superior fill and nanoscale granularity when compared with the other electrodes.
The nanotubular structure increases the surface area of the electrodes and results in a reduction in
impedance and improvement in the interfacial capacitance (Sections 2.3.3 and 2.3.4). Further,
mechanically these nanostructures could increase cellular adhesion when compared to their flat
counterparts. These qualitative observations provide an insight into how cells may be interacting
and coupling with the respective microelectrodes. Precision deposition of cells improves the ability
for plated cells landing on top of NP Pt nanotubules. Such a coupling scenario increases Signal to
Noise Ratio (SNR) of that particular microelectrode and results in better electrophysiological
signal acquisition with minimal attenuation of the action potential. If we extend a similar scenario
to the Au microelectrodes that are at the bottom of the insulation well, even with precision
culturing of cells, there may not be a well-constructed cell-electrode coupling because of the spatial
separation due to the insulation layer and the absence of a possible mechanical adhesion layer.
Additional impedance results provided in section 2.3.3 and calculated SNR in Table 2.1, highlight
the quantitative measurement of the coupling metric.
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Figure 2.5 SEM images demonstrating the precision electroplating of NP Pt at 4 mins (under
plating), 8 mins (appropriate plating), and 16 mins (over plating) with the same current density of
0.56 A/cm2, resulting in 317 nm ± 146 nm, 124 nm ± 37 nm, and 100 nm ± 20 nm granularity,
respectively. The close-up SEM images of electrodes are depicted below each image.
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2.3.2

Root Mean Square (RMS) Noise Comparison

Nanoporous platinum (NP Pt) was electrodeposited on gold (Au) microelectrodes of
fabricated devices. Figure 2.6 provides a subset of RMS noise recordings from a device containing
both types of electrodes (NP Pt and Au within a 64-microelectrode array). NP Pt was precision
plated in a checkerboard pattern in this particular device. The noise measurements are performed
between the microelectrode and the in-built reference ground electrode at the periphery of the chip
with 1X Dulbecco’s phosphate buffered saline (PBS) (Thermo Fisher Scientific) acting as the
media for the measurement. The average RMS noise recordings for viable Au and NP Pt electrodes
were: 3.14±0.42μV and 2.08±0.16μV, respectively. The precision electrodeposition of the NP Pt
layer resulted in approximately 34% less RMS noise when compared with the thin film Au,
indicating that the threshold for electrical signal detection was lower than Au electrodes as
expected. Peak signal amplitudes from neurons typically range from 20μV and 150μV, thus, NP
Pt microelectrodes have a magnitude lower threshold to detect these signals [28], [29]. The ability
to precision electrodeposit NP Pt within the array in a checkerboard pattern, again, alludes to the
controllability and reproducibility of this technique with better outcomes (reduced variability in
RMS noise) for microelectrodes.
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Figure 2.6 Root Mean Square (RMS) value of the raw noise data (amplitude in μV in Y and time
in ms on X) captured for a device that has been electroplated in a checkerboard pattern (alternating
Au and NP Pt microelectrodes). A screen capture representative set of 4 microelectrodes (2 NP Pt
and 2 Au) are shown.
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2.3.3

Electrochemical Impedance Spectroscopy of Gold vs. NanoPorous Platinum

Electrochemical impedance spectroscopy (EIS) was performed in PBS using Bode 100
(Omicron Labs). EIS is a technique that applies alternating current (AC) at different frequencies
to a conductive electrode to obtain a characteristic response from the electrode’s interface [30].
This electrode interface can be simulated by means of an idealized circuit model. This circuit
model consists of arrangements of passive electrical components such as resistors, capacitors, and
inductances, which are physical representatives of the electrochemical processes occurring at the
electrode interface [30]. Figure 2.7 provides a schematic of the different processes transpiring on
the electrode’s interface. Current flowing on an electrified interface may sometimes be due to
faradaic components, when an electrochemical reaction occurs such as the electron transfer seen
in Figure 2.7 overcoming the polarization Rp (or sometimes called the charge transfer resistance
RCT) along with the solution resistance Rs [31]. However, non-faradaic current is always present
and results from the charging of the double-layer capacitor (CD or CDL), which consists of the inner
and outer Helmholtz plane (IHP and OHP, respectively). The last process to note occurring in the
electrode interface is the Warburg impedance (ZW), which is an impedance due to mass transport
of the reactants and products. Figure 2.7 demonstrates an electrified surface where the electrode is
negatively charged and thus the countercations are attracted to and aligned along the electrified
surface [31]. The bottom of the figure demonstrates the corresponding circuit components to each
of the interface elements.
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Figure 2.7 Electrified electrode interface (top) with various interfacial electrochemical processes
corresponding to idealized Randle’s electrical equivalent circuit (bottom). Reprinted from [31]
with permission, copyright Annual Reviews, 2010.
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EIS is measured using an individual electrode, a distant reference ground electrode and
conductive solution. The reference ground electrode was a titanium wire coated with platinum
(Pt/Ti) (Omicron Labs). The conductive solution was 1X Dulbecco’s phosphate buffered saline.
Impedance was swept from a frequency range of 10 Hz to 100 kHz. EIS was measured to
characterize the electrode-electrolyte interface. Ideally, impedance levels should be lower than
hundreds of kilo-ohms for a low thermal noise level in order to exhibit a high sensitivity to
neuronal or cardiac signals [28]. As the frequency response curve in Figure 2.8 demonstrates, the
impedance for the 3 test devices electroplated with NP Pt is lower across the entire range of
frequencies as compared to the Au device. Device 1 and Device 2 were electroplated for 8 minutes
as compared to Device 3, where NP Pt was electroplated for 4 minutes. As indicated from the
frequency response curve, the impedance at 1 kHz is lower for the devices 1 and 2. A histogram
is provided in Figure 2.9 to compare the impedance distribution across the various devices at 1
kHz. Neuronal activity is in a frequency range of 800–3000 Hz, and thus 1 kHz is the frequency
at which the performance of microelectrodes is typically evaluated for such biosensing
applications [29]. The histogram indicates that the impedance decreased with an increased
electroplating time. The goal of the increase in electroplating time was to improve the porosity of
the material and to fill the insulation cylinder with nanoporous Pt. Devices 1 and 2 have lower
noise at lower frequencies as well, when compared to Device 3, which could best be explained by
improved charge transfer resistance (RCT) of the device [32]. These results provide us with
evidence that we can precisely control the amount of NP Pt deposition and the properties of the
deposited material.
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Figure 2.8 Average frequency response impedance measurements of Au device (N=10) and 3
different devices electroplated with NP Pt (N = 3, 5, and 10) microelectrodes with respective mean
and standard deviation at each major frequency, where N = number of microelectrodes measured.
The environmental noise from the laboratory accounts for the higher variability below 100 Hz and
is clearly visible to reported values [29]. The extremely tight control due to the precision
electrodeposition of NP Pt is evident in the data especially in the >100Hz frequency range for all
3 devices.
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Figure 2.9 Impedance comparison at the electrophysiologically important frequency of 1 kHz for
devices 1 and 2 (electroplated for 8 mins using the ASIC at a current of 0.56 A/cm2) and device 3
(electroplated for 4 mins using the ASIC at a current density of 0.56 A/cm2), where N = number
of microelectrodes measured. The results show repeatability and improved fill characteristics with
increased plating time with the ASIC.
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The impedance at 1 kHz for NP Pt electroplated at 8 mins (N = 8) is 18.36kΩ±2.6kΩ and
20.86kΩ±5.1kΩ. The measured impedance for NP Pt electroplated at 4 mins (N = 10) is
35.6kΩ±8.0kΩ and 159kΩ±28kΩ for Au (N = 10), where N = number of electrodes characterized
on a device. NP Pt was determined to have an impedance over a magnitude lower than Au,
indicating a much lower thermal noise and thus, results in enhanced SNR [33]. Further due to the
precision deposition with an electrogenic ASIC where every microelectrode is tied to one current
stimulator of the ASIC, the variability in NP Pt across an individual device and across devices is
far superior to thin film gold electrodes. Additionally, the evaluation of EIS data can be performed
to obtain a Nyquist plot, from which certain circuit components can be estimated by data fitting.
However, the component of interest in this paper is the double layer capacitance, which is directly
proportional to the surface area of a microelectrode and can be determined indirectly by cyclic
voltammetry [34].

2.3.4

Capacitance of Nanoporous Platinum Microelectrode

A three-electrode system was used for electrochemical measurements using an eDAQ
potentiostat. Potentiostats are used to perform cyclic voltammetry (CV), which is an
electrochemical technique used to investigate the reduction and oxidation (REDOX) processes of
analytes in solution [35]. It involves a potential sweep of the electrode and the current from the
redox event is measured. Typical CV experiments use three electrodes consisting of a reference,
working, and counter electrode. The working electrode is the electrode of interest where the
electrochemical processes will take place, the counter electrode completes the circuit and is often
gold, platinum wire, or graphite, and the reference electrode has a known potential and used to
measure the applied potential [36]. Thus, CV can be used to provide information about possible
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redox reactions occurring at the electrode’s interface, the stability of the species resulting from the
electron transfer, or if an electron transfer is even occurring [36].
The fabricated microelectrodes were used as the working electrodes, a platinum coated
titanium wire (Pt/Ti wire) as the counter electrode, and a silver/silver chloride pin (Ag/AgCl; both
reference and counter electrodes from eDAQ) as the reference electrode to obtain the CV curves
in Figure 2.10a and b. From the CV curves for each type of microelectrode, it can be concluded
that the current of NP Pt had more of a dependence on sweep rate than the current values of Au.
The dependence of sweep rate for porous materials is due to the increasing inaccessibility of
electrolytes to the surface of the microelectrodes as the sweep rates increase [32]. The following
equation was used to calculate the double-layer capacitance:
𝑑𝑄

𝐶𝑑𝑙 =

( 𝑑𝑡 )
𝑑𝐸
( 𝑑𝑡 )

=

𝑖𝑐𝑐+𝑖𝑐𝑎

(7)

2𝑣

where icc and ica is the cathodic current and anodic current, respectively, and υ is the voltage scan
rate (υ=50 , 100, 200, 250, 300, 345, and 400 mV/s) [37]. Potential was cycled from −0.9 V/s and
1.1 V/s and the charging currents were sampled at 0.1 V. From the linear relationship between
scan speed and charging current for each material, provided in Figure 2.11a, the slope was
determined to be 0.034 nA⋅ mV/s and 0.147 nA⋅ mV/s for Au and NP Pt, respectively. From
Equation 1, the double layer capacitance (Cdl) was calculated to be 17nF and 73nF for the 25μm
sized Au and NP Pt microelectrodes, respectively. The Cdl for NP Pt was approximately five times
greater than Au, indicating that the real surface area was greater as well, which was expected.
Table 2.1 provides a comparison of area specific double layer capacitance with previously reported
neuronal electrode materials such as titanium nitride (TiN) [38], carbon nanotubes (CNT) [16],
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poly(3,4-ethylenedioxythiophene (PEDOT) [39], PEDOT/CNT composite film [39], and L2-ePt
[8], which was nanoporous platinum fabricated from low viscous electrodeposition solution.

Figure 2.10 Average values of cyclic voltammograms (CV) vs. Ag/AgCl in PBS measured at
various scan rates for NP Pt (N=5) (a); and Au (N=5) (b) with a potential (E) range (water window)
from -1 V to 1 V.

Figure 2.11 The linear relationship between the addition of anodic and cathodic currents at 0.10 V
at respective scan speeds is depicted (a); a linear fit was used to calculate C dl (b).
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Table 2.1 Comparison of the calculated double layer capacitance (Cdl) of NP Pt with other
microelectrode materials.
Cdl (mF/cm2)
2.5
10
7.4
7.2
5.1
10.3

Material
TiN
CNT
PEDOT
PEDOT/CNTs
L2-etPt
NP Pt

Reference
[38]
[16]
[39]
[39]
[8]
This work

It was repeatedly determined that a Cdl of 10.3 mF/cm2 was obtained for the NP Pt with the
microelectrode geometric area defined precisely by photolithography and enhanced by
electrodeposition controlled precisely by an electrogenic ASIC. The technique for nanoporous
platinum developed in this study was superior to the previously reported L2-ePt [8] process since
the area specific capacitance was determined to be twice as large. Upon comparison of materials,
NP Pt and CNT were determined to have approximately the same area specific capacitance of ~10
mF/cm2. However, NP Pt has the advantage of superior reproducibility due to the precision plating
technique. The CNT electrode material study reported that there were conspicuous variations in
measurements of capacitance of different electrodes within the same device. Thus, by obtaining a
capacitance twice that of previously reported for nanoporous platinum, we are reporting a
microelectrode material, and a technique for repeated, controlled deposition of this material as the
leading electrode definition for neuronal electrodes.

2.3.5

Standard Versus Precision Printing

Precision plating allowed for small populations of cells to be placed precisely on and
around a specific electrode or a group of electrodes as opposed to classic techniques such as hand
plating where cells tend to cover the entire surface area. As a result, precision plating is cost
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effective compared to standard plating which becomes significant in the case of expensive human
stem cells. Figure 2.12 depicts a “dot” pattern plating as well as an “semi-circle” pattern plating.
The “dot” pattern is intended to specifically cover one electrode with cells and was the main focus
of this study. However, the “semi-circle” pattern demonstrates the flexibility of this plating
technique for future applications. Optically monitoring the “dot” pattern on an MEA over time
shows the change or blurring of the pattern for up to 30 DIV. As shown in Figure 2.13, the precision
plated populations of motoneurons remained in nearly the same area for approximately 30 days.
However, an increased spot-size from approximately 150μm to 360μm in diameter (N = 3)
indicated that the cells remained mobile and blurred the initial dot-size. This indicated the growth
and survival of a healthy human motor neuronal culture throughout the lifetime of the cells.
Classical cell plating techniques are useful when an overall picture of cell activity is
required and cost for obtaining the cells is low. The precision plating technique introduced here,
allows for the study of the electrical or chemical stimulation response of small populations of cells
on specific electrodes or groups of electrodes. The precision plating method further increased the
ratio of cell-electrode coupling for the number of plated cells when compared to general plating
by hand. However, the electrophysiological characteristics of the small populations of precision
plated human motoneurons and cardiomyocytes were comparable to those of classically plated
cells. These are not depicted here but are part of the paper and discussed in the Ph.D. thesis of my
colleague, Dr. Cacie Hart [40].
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Figure 2.12 Hand plating versus precision plating of human motoneuron experiments – cells hand
plated on an MEA depicting a confluent layer of cells (a). We observe in this image that the cells
are randomly distributed on the grid of microelectrodes; cells precision plated in a spot right on
top of a NP Pt microelectrode (b). It is observed that the cells are plated in a specific area; cells
precision plated in an arc pattern, and it is observed that the cells only appear in the designated
area (c).
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Figure 2.13 Tacking of a precision plated spot of human motoneurons over time. The size of each
spot, containing hundreds of cells, increases in diameter over time. This observation held for a
number of experiments (N = 3).
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2.4 Conclusions
The MEA biosensor with improved SNR and increased cell-electrode coupling by means of
precision electrodeposition NP Pt and precision plating of electrogenic cells had improved
characteristics in all evaluation techniques, including surface area, RMS noise, impedance,
electrode capacitance, SNR and cell-electrode coupling.
Biocompatibility of the devices was successfully demonstrated using human-derived stem
cells differentiated into cardiomyocytes or motoneurons, respectively. Both types of electrogenic
cell were cultured on devices for up to 10 weeks to demonstrate biocompatibility (not all data
shown). The electrophysiological characteristics of the precision plated cells, including chemical
or electrical stimulation, mirrored those of cells plated using traditional techniques.
The fabricated MEA devices can be used to monitor both acute and chronic effects of drugs,
toxins, and diseases, while providing a higher ratio of cell-electrode coupling, increased number
of experimental groups due to the isolated populations of cells on one MEA as well as offering a
dramatically improved cost per experiment for usually expensive human derived cell sources.
In future studies, the deposition of novel materials on Au microelectrodes may be explored
to further increase the signal-to-noise ratio. More rigorous characterization on the roughness factor
of the materials will be performed along with respective equivalent circuitry models. Additional
studies will explore the use of precision plating to develop specific geometrical patterns of cells to
induce desired functionalities, such as circular self-stimulation, feed-forward architecture for
neuronal networks or reentry for cardiac cultures.
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CHAPTER 3: FABRICATION AND CHARACTERIZATION OF 3D
PRINTED 3D MEAS
Reprinted (adapted) with permission from: Kundu A., McCoy L., Azim N., Nguyen H., Didier C.
M., Ausaf T., Sharma A. D., Curley J. L., Moore M. J., Rajaraman S, “Fabrication and
Characterization of 3D Printed, 3D Microelectrode Arrays for Interfacing with a Peripheral Nerveon-a-Chip®.” ACS Biomaterials Science & Engineering, 2021, 7, 7, 3018 - 3029. Copyright 2020
American Chemical Society.

3.1 Introduction
The pharmaceutical industry is all too aware of the mounting costs necessary to bring a
new drug to market. The average new drug requires nearly $2.6 billion and up to 15 years to obtain
market approval, as well as an additional $312 million for post-approval research and development
to maintain approval [1]. As mentioned briefly in chapter 1, there is a poor track record of drug
development in conventional preclinical models leading to successful clinical therapeutics. For
neurological applications in particular, it is estimated that as high as 97% of neurological drugs
that enter Phase I clinical trials will never be marketed to consumers due either to unacceptable
toxicity or lack of efficacy in humans [2], [3]. It is clear that improved models are needed, and
“organs-on-chips”, or microphysiological systems (MPSs), have been identified as the most
promising candidates as improved preclinical models [4], [5]. There are many laboratories around
the world developing benchtop models of brain, liver, heart, gut, lung, kidney, and other key
organs, and this type of technology is reaching the marketplace and beginning to be incorporated
routinely into the commercial drug development process [5].
The use of such MPSs to model the nervous system has been accelerating more recently
[6], [7]. However, physiological modeling of the nervous system in microdevices presents a unique
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challenge because, while bioelectrical conduction may be the most physiologically relevant
measurement, culturing neurons on planar substrates has been shown to alter their bioelectrical
properties [8]–[11]. We have developed MPS modeling of the peripheral nerve in a manner that
utilizes micropatterned hydrogels to mimic the three-dimensional (3D), polarized, and aligned
structure of nerve fibers while enabling physiological assessment using nerve conduction as a
measurable end point [12]–[14]. However, until now, we have had to manually place electrodes
carefully into the tissue using a microscope, which is a tedious and time-consuming process. The
goal of this paper is to define a 3D microelectrode design that may be integrated into the unique
3D hydrogel environment for rapid electrophysiological testing.
A microelectrode array (MEA) [15] improves testing throughput and automation compared
to intracellular patch-clamp experiments or manual electrodes and allows for the measurement of
network dynamics as opposed to single-cell recordings. Specifically for neural applications, as the
changes in electrophysiological behavior of a network of cells is the most important functional
outcome, MEA technology is a highly popular and widely used platform for recording and
stimulating electrical activity in such electrogenic cells [16]. However, conventional MEAs are
typically two-dimensional (2D) in nature, as was discussed in depth in chapter 2 and although the
devices were optimized to improve performance of the device, the absence of 3D functionality in
MEAs makes them inadequate to capture signals that originate at a certain height when cultures
mature [17], [18]. As postulated above, the capture and analysis of this signal is especially
important in benchtop neurological models on a chip [19].
In this chapter, we report an application-specific 3D MEA and its electrical, chemical,
electrochemical, biological, and chip hydration stability performance metrics. The process flow
for the device as indicated in Figure 3.1 encompasses 3D printing, stencil mask metallization,
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biolaminate “coarse” insulation, and SiO2 fine insulation definition. Optical and scanning electron
microscopy (SEM) imaging have been performed to characterize the various constituent processes.
Full spectrum impedance analysis of the fabricated electrodes confirms the microelectrode nature
whose capacitive behavior can be further enhanced by electroless deposition of platinum. Both
microtower electrodes and smaller 30 μm × 30 μm are further demonstrated along with all the
characterization metrics outlined.

3.2 Materials and Methods
3.2.1

3D Printing

The 3D MEAs were designed in Solidworks (2016 x64 bit edition, Dassault Systems Inc.,
Waltham, MA). The MEA chip has a size of 49 mm × 49 mm × 2.5 mm to ensure connectivity
with the Multi-Channel Systems (Reutlingen, Aspenhaustrasse, Germany) recording amplifiers.
Two patches, each containing 10 recording sites each in the form of 3D towers, were designed.
The microtowers had a base diameter of 250 μm and a height of 400 μm. Seven microtowers
having a pitch of 600 μm were placed along a straight line, while three microtowers were placed
in a centrosymmetric fashion along the same straight line at a distance of 750 μm from the linearly
placed electrodes. Figure 3.1a shows the schematic of the 3D printed geometry with an exploded
view of one of the microtower patches containing electrode sites. The designed CAD file was
directly printed in a 3D μSLA printer (Form Laboratories Form 2, Somerville, MA) with a laser
wavelength of 405 nm using a photopolymer clear resin (FLGPCL04, Formlabs, Somerville, MA).
The device was printed at an angle of 45° with the horizontal, which has been found to be optimum
for such 3D geometries [20]. Upon completion of the 3D printing, the devices were removed from
the build platform and rinsed in an isopropyl alcohol (IPA) bath with mild agitation for 10 min.
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The rinse cycle was repeated for a second time in a fresh IPA bath. The device was subsequently
dried in nitrogen, followed by the removal of the support structures. For acetone vapor polishing,
the fabricated devices were placed on top of aluminum foil that was placed inside a 1 L glass
beaker. Kimwipes (Kimtech, Roswell, GA) were soaked in acetone and hung from the interior
edges of the beaker. The beaker was sealed with Parafilm (Sigma-Aldrich), and the 3D printed
device were polished in acetone vapor for 4 min.
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Figure 3.1 Process flow for fabrication of 3D MEAs: (a) 3D printing of base structure; (b)
metallization through a micromilled stencil mask; (c) application of biocompatible laminate
“gross” insulation layer; and (d) assembling a 3D printed culture well onto the fabricated device.
The close- up of one of the recording/stimulating patches containing 10 3D electrodes is provided
for each process step. (e) Close-up view of one of the patches after electroless plating of platinum.
(f) Exploded view of the device showing the deposition of the “fine” SiO 2 insulation layer after
the metallization step. (g) Singular 3D microtower after deposition of SiO 2. (h) Singular 3D
microtower after laser micromachining of SiO2 insulation thereby exposing the metal underneath.
(i) Singular 3D microtower with smaller microelectrodes after electroless plating of platinum.
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3.2.2

Metallization

Electron beam evaporation of Ti/Au was performed through a micromilled stainless steel
stencil mask for metallization of the 3D microtowers and definition of the conducting traces (200
μm wide) terminated by package landing pads (2.2 mm × 2.2 mm). For the fabrication of the
stainless-steel mask, a 90° T-8 Mill Tool (150 μm, 250 μm diameter; T-Tech, Peachtree Corners,
GA) was spun at 55 000 rpm with a feed rate of 2 mm/sec in a T-Tech J5 Quick Circuit Prototyping
Systems to micromill the stainless steel sheet (80 μm thick; Trinity Brand Industries, Countryside,
IL). The 3D printed device and the micromilled mask were aligned under a stereoscope, and a
metallization layer comprising titanium and gold (Ti, 4N5 purity pellets and Au, 5N purity pellets,
both from Kurt J. Lesker, Jefferson Hills, PA) was deposited by electron-beam (E-beam)
evaporation (Thermionics Laboratory Inc., Hayward, CA). The Ti and Au layers were deposited
in a vacuum of 3.1 × 10–6 Torr to a thickness of 10 nm at a deposition rate of 1.0 nm/s and 100
nm at 1.0 nm/s, respectively. Figure 3.1b shows a schematic of the metallization pattern with an
exploded view of one of the microelectrode patches.

3.2.3

Lamination

A biocompatible laminate layer (MedcoRTS3851-17 adhesives ∼50 μm thick underneath
polyethylene terephthalate (PET) ∼20 μm thick; Medco Coated Products, Cleveland, OH) was
subsequently bonded to the 3D printed chip to insulate the traces, thereby enabling realization of
3D microtower MEAs with electrodes having a size of the entire 3D printed structure. The
biocompatible laminate was micromilled prior to its alignment and attachment to have openings
corresponding to the size of the two patches of 3D microtower arrays, each containing 10 recording
sites. The openings in the biocompatible laminate layer correspond to the electrode patch
dimensions, which consists of a circular region (∼800 μm in diameter) leading to a straight channel
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4.2 mm long and 500 μm wide. The diameter of the biolaminate layer was 32 mm, which is
marginally greater than the diameter of the culture well to be affixed later onto the device. The
micromilling was performed using the T-8 Mill Tool, which was spun at 45 000 rpm with a feed
rate of 5 mm/sec. Figure 3.1c shows the schematic of the lamination process with an exploded
view of one of the recording/stimulating patches.

3.2.4

Packaging

A culture well having an outer diameter of 30 mm and a thickness of 2.1 mm was 3D
printed and bonded using a biocompatible epoxy (Epo-tek 353ND) to realize the final device. The
height of the culture well was 3 mm. Parts A and B of the epoxy were mixed in ratio of 10:1 (by
weight) and affixed onto the 3D microtower device, as depicted in Figure 3.1d. The packaged
device was cured at 40 °C for 4 h. The devices were tested for leaks with a drop of IPA and DI
water prior to the electroless platinum plating and biological, chemical, electrochemical. and
hydration stability characterizations.

3.2.5

Electroless Microporous Platinum Plating

For electroless deposition of microporous platinum (commonly known as platinum black)
on the gold coated 3D microtower MEAs, 0.01% wt. platinum solution was prepared using 3.75
mL of ∼8% chloroplatinic acid (Sigma-Aldrich), 0.2 mL of 0.005% wt. lead acetate (SigmaAldrich), 4.065 mL of 1.23 M HCl (Sigma-Aldrich), and 2.085 mL of DI water. Approximately 5
mL of this solution was transferred to the MEA culture well, and passive electroless plating was
performed for 6 h for obtaining platinum coverage on the microtower electrodes. The completed
device was subsequently rinsed with DI water and dried with nitrogen. Figure 3.1e depicts a
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schematic of the individual electrodes of different sizes after the electroless plating of microporous
platinum.

3.2.6

Insulation and Laser Micromachining of Microelectrodes

To realize smaller microelectrodes, an insulation layer of SiO 2 was defined atop of the 3D
microelectode towers after Ti/Au metallization, as described in Section 3.2.2. A manually rotated
e-beam evaporation of SiO2 pellets (4N5 purity from Kurt J. Lesker, Jefferson Hills, PA) was
performed through a micromilled stainless steel stencil mask. The deposition rate was 10 nm/s
with a target SiO2 thickness of 400 nm. This was followed by the lamination (Section 3.2.3) and
packaging (Section 3.2.4) of the device. Figure 3.1f shows the exploded view of the fabricated
device with an evaporated layer of SiO2. Figure 3.1g shows the close-up of a singular microtower
with SiO2 insulation. The uniform SiO2 insulation layer can subsequently be selectively laser
micromachined to define microelectrodes of a size similar to commercial MEAs, as depicted in
the schematic in Figure 3.1h. These 3D microelectrodes were 30 μm × 30 μm in size and were
realized using laser micromachining (a 4 ns laser pulse at 532 nm having an energy level of 1.2
mJ) utilizing QuickLaze 50ST2 (Eolite Lasers, Portland, OR). Platinum electroless plating of the
laser micromachined electrodes can be subsequently carried out as outlined earlier in Section 3.2.5
and is depicted schematically in Figure 3.1i.

3.2.7

Imaging, Chemical and Electrical Measurements

Optical and SEM images were performed at all stages of the microfabrication development
using a BX51 M microscope (Olympus, Center Valley, PA) and JSM 6480 (JEOL, Peabody, MA),
respectively. Electron dispersive spectroscopy (EDS) was performed after microporous platinum
plating using the JSM 6480 SEM. Fourier-transform infrared spectroscopy (FTIR) was performed
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for the 3D printed resin material (FLGPCL04, Formlabs, Somerville, MA) to assess the chemical
composition along with the various functional groups present in the material that would impact its
suitability for long-term in vitro cultures. FTIR measurements were conducted using a
PerkinElmer Spectrum 100 FT-IR spectrometer (Waltham, MA), where 1–5 mg of sample was
used for each FTIR trial.
For testing of the water absorption and subsequent warpage of the devices, “dummy”
devices (N = 5) were fabricated in thickness intervals of 500 μm, from 1 to 3 mm. The devices
were submerged in a Petri dish containing 0.025X Dulbecco’s phosphate buffer solution (PBS,
Thermo Fisher Scientific, Waltham, MA) to imitate both hydration and cell culture media,
simulating the culturing conditions. The devices were placed in a cell culturing incubator
(NUAIRE, NU- 5100 Series 2, Plymouth, MN) at 37 °C, 90% relative humidity, and 12% CO2 for
30 days. Warpage data was obtained twice every day (9 am and 5 pm) for 30 days using a feeler
gauge (Jinghua Company; 0.02−1 mm thickness gap metric filler feeler gauge), which allowed for
the maximum distance from the base of the device to the peak of the warpage curvature to be
measured. To perform these measurements, the dummy devices were removed from solution and
placed on a flat surface. A small weight (e.g., a glass slide, so as to not provide too heavy of a
counterweight) was placed on top of the culture well to hold it in place, and the feeler gauge was
inserted under the observed warpage (if any) to identify the thickest gauge that would fit and thus
approximate the warpage. This value was recorded for each of all four sides of the device, and
then, data for each device per day was averaged. Diluted 0.025X PBS was added at the beginning
(9 am) of each day to account for saline loss due to evaporation.
Full spectrum impedance measurements of the devices were performed with both the
microtower and the microelectrode 3D MEAs using a Bode 100 impedance analyzer (Omicron
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Laboratories, Houston, TX) with Dulbecco’s phosphate buffer solution (Thermo Fisher Scientific,
Waltham, MA) as the electrolyte. The impedance scans were carried out from 10 Hz to 1 MHz
with a platinum wire (eDAQ, Denistone East, Australia) as the counter electrode. The measured
impedance was fitted using a MATLAB code as reported by the authors [21], in which eq 1 is
provided below:
𝑍(𝜔) = 𝑅𝑠 + [𝐶

1
𝐷𝐿 (𝜔)

+

1

]

(1)

𝑅𝐶𝑇+𝑊(𝜔)

This equation is solved to extract the solution resistance (R S), charge transfer resistance
(RCT), double-layer capacitance (CDL), and the Warburg element (W).
Cyclic voltammetry (CV) was performed using a Potentiostat 466 system (from eDAQ)
and a three-electrode setup with a silver/silver chloride (Ag/AgCl) wire acting as the reference
electrode and a Pt wire used as the counter electrode. Dulbecco’s phosphate buffered saline (PBS)
was used as the electrolyte. CV scans were performed from -1 to +1 V with scan rates of 20, 40,
60, 160, and 250 mV/s.

3.2.8

Nerve-on-a-Chip® Fabrication and Integration with 3D MEA

Nerve-on-a-Chip® technology is a patented technique invented by our collaborators at
AxoSim Inc. and Tulane University [22]–[24].Once the 3D MEAs were fabricated and tested for
electrical functionality, they were shipped to AxoSim Inc., for integration with the Nerve-on-aChip® platform.
A dual-hydrogel scaffold was fabricated on semipermeable membranes (Transwell insert
0.4 μm pore/PES; Corning) using photolithography. The cell-impermeable outer hydrogel mold
with an open keyhole center was created using a solution of polyethylene glycol dimethacrylate
(PEG

1000,

Polysciences)

and

photo-cross-linked
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with

lithium

phenyl-2,4,6-

trimethylbenzoylphosphinate (LAP, Sigma-Aldrich). The outer hydrogel was fabricated such that
the 3D electrodes were exposed within the central keyhole area, as depicted in Figure 3.2b. PEG
(10% w/v) and 1.1 mM LAP solutions were mixed as a 1:1 solution and then sterile-filtered with
a 0.22 μm filter. The solution (0.6 mL) was added to the Transwell insert and positioned under the
lens of a digital micromirror device (DMD, PRO4500; Wintech Digital Systems Technology
Corp). The mask and polymerization parameters were created in the DMD software. The solution
was irradiated for 30 s using ultraviolet light at a 385 nm wavelength. After treatment, excess
PEGDMA/LAP was washed using 2% antibiotic–antimycotic PBS solution three times on the top
and bottom of the insets for 10 min. Wash buffer was removed from the inset and the inner
keyhole-shaped channel.
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Figure 3.2 Schematic of the shadow mask used for metallization (a); Micromilled biocompatible
laminate “gross” insulation layer (b); Shadow mask for the deposition of SiO2 (c).
MEAs were prepared for cell culture by first sterilizing with UV for 20 min under a cell
culture hood. Samples were washed three times, each for 8 min, consisting of phosphate buffered
saline (PBS) pH 7.4 without calcium and magnesium and with 1% antibiotic–antimycotic (100X,
Gibco, ThermoFisher). Samples were then dried under a cell culture hood. The keyhole void
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containing the 3D microelectrodes was encased in 10 μL of 8% Matrigel basement membrane
matrix (Corning) hydrogel and then placed into an incubator for 15 min to solidify.
Primary nerve tissue used for experiments were extracted following animal handling and
tissue harvesting procedures in accordance with the Institutional Animal Care and Use Committee
(IACUC) in part with Tulane University. Dorsal root ganglion (DRG) consisting of peripheral
sensory neurons and glial Schwann cells were isolated from Long-Evans rat, embryonic day 15
pups (Charles River, Wilmington, MA). DRGs were then directly placed into the Matrigel on the
MEA. The cells were cultured in 20 mL of media consisting of Eagle’s basal medium
(ThermoFisher), 15% fetal bovine serum (HyClone), insulin transferrin selenium (ITS,
ThermoFisher), Glutamax (ThermoFisher), Antibiotic–Antimycotic, 4 g/L d-glucose (Sigma), 10
ng/mL nerve growth factor (NGF) (R&D systems), and 50 μg/mL l-ascorbic acid (Sigma).
Cultures were kept at 37 °C with a 5% CO2 incubator.

3.2.9

Nerve-on-a-Chip® Measurements

The DRGs were analyzed for biocompatibility and viability after 10 days of incubation. The
MEAs were washed three times with PBS and then incubated with 3 μM propidium iodide (PI)
(dead cells staining) (Invitrogen) and 4 mM calcein AM (live cells staining) (Biotium) for 30 min
at 37 °C. The samples were then washed three more times with PBS and imaged using a fluorescent
microscope. Images were analyzed by counting the total number of stained cells using ImageJ
(NIH) Fiji software package. Briefly, for each image, the background fluorescence was removed
through software thresholding and the maximum intensity of the stained cells were counted using
point selectivity. The number of cells found for each sample was averaged (n = 4 DRGs per
sample). The one-way analysis of variance (ANOVA) was calculated for live cell counts only (p
> 0.05). Unless otherwise specified, data are presented as mean (±) standard deviation.
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3.3 Results and Discussion
3.3.1

Device Microfabrication

Figure 3.4a shows the SEM image of the 3D printed 3D microtowers in one patch of the
3D MEA. It is observed that the microtower dimension closely matches the design dimension of a
250 μm base width and 400 μm height. A box plot of N = 20 electrodes showing variation in the
base diameter and height is shown in Figure 3.3. Such an arrangement of the microtower MEAs
allows for the recording and stimulating sites to be well-matched with the geometry of the 3D
microengineered Nerve-on-a-Chip® [25], which was subsequently photodefined atop the
microtower MEAs. The Nerve-on-a-Chip® can be visualized to consist of a circular region (∼800
μm in diameter) leading to a straight channel that is 4.2 mm long and 500 μm wide. The three
microtowers were arranged in a centrosymmetric fashion, which would overlap with the circular
ganglion of the Nerve-on-a-Chip® and would act as individual recording/stimulation sites, while
the seven microtowers would overlap with the neural tract and act as recording/stimulating
electrodes. Figure 3.4b shows the close-up view of the 3D microtowers in the circular region, and
it is observed that the microtower geometry has striations inherent of μSLA based 3D printing.
Such striations originate when each of the 3D printed layers are covalently stitched to the
subsequent layer. Acetone vapor polishing can be employed to isotropically etch the outer surface
of the 3D microtowers to reduce the striations, as seen in Figure 3.4c. However, the striations could
be a useful method to increase the surface area of the electrodes. The isotropic etch process from
acetone results in a microtower tip having a radius of curvature (ROC) of ∼15 μm, as depicted in
Figure 3.4d.
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Figure 3.3 Box plot of the base diameter and height of the 3D printed microtowers (N=3 devices)
showing the interquartile range, median, minimum and maximum values and the mean of 249.3µm
and 400.35µm for the base diameter and height respectively. The design values of the base
diameter and height are 250µm and 400µm respectively.
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Figure 3.4 SEM images: (a) One of the recording/stimulating patches containing 10 3D
microtowers; (b) Three microtowers in the circular region of the patch showing inherent striations
after 3D printing due to layer by layer fabrication of SLA printing; (c) Smoothening of the
microtower surface after acetone vapor polishing of the microtowers leading to a reduction in
striations; (d) Close-up of the tip of a singular 3D microtower depicting a radius of curvature of
∼15 μm.
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Figure 3.5a shows the photographs of the device after deposition of Ti/Au to obtain the
metallized 3D microtowers and conducting traces. Figure 3.5b shows a close-up view of the 10
metallized microtowers corresponding to a single recording/stimulating patch. Figure 3.5c shows
the selective lamination of the device to insulate the traces and thereby realize the 3D microtower
MEAs after attachment of the 3D printed culture well, as seen in Figure 3.5d. At this juncture, the
device is ready for electroless platinum plating, electrical, electrochemical, biological, chemical,
and hydration stability measurements.
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Figure 3.5 Photographs of the fabricated device: (a) Metallized device with (b) close-up of the
metallized 3D microtowers; (c) Application of the biocompatible laminate “gross” insulation layer
indicated by a dotted circle; and (d) assembled 3D MEA device in a 49 mm × 49 mm × 1 mm form
factor for compatibility with commercial electronics amplifier setup.
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3.3.2

Electrical and Electrochemical Characterization of the 3D MEAs

Electroless plating of microporous platinum results in a coating that is extremely resistant
to chemical corrosion, is biocompatible, and has reduced electrical impedance for recordings [26].
Additionally, the layer’s low threshold potential makes it interesting for applications in electrical
stimulation [27]. Parts a and b of Figure 3.6 depict the full spectrum impedance and phase response
of the 3D microtower MEAs before and after electroless plating of microporous platinum (average
of N = 10 of each electrode type). It is observed that the magnitude of impedance decreases upon
electroless deposition of porous platinum, which can be attributed to the increased surface
roughness of the 3D MEA, which leads to an increase in the surface area of the electrode. A
decrease in impedance from 1.8 kΩ to 670 Ω is observed for an electrophysiologically relevant
frequency of 1 kHz. The phase spectrum is observed to shift from −60° to near 0° in the entire
spectrum, which implies that the overall characteristics of the electrode–electrolyte interface is
governed by the double layer capacitance (CDL) at low frequencies and becomes more resistive at
higher frequencies as the solution resistance of the electrolyte begins to dominate the electrode–
electrolyte interfacial impedance, as has been observed with other MEAs [28]. At 1 kHz, a phase
of −13.9° and −12.8° is observed for the 3D microtower MEAs before and after electroless plating,
respectively. It is interesting to note the capacitive behavior of the 3D tower MEAs from the phase
response at frequencies as low as 10 Hz, which implies large CDL values. However, at very low
frequencies (<10 Hz), the impedance related to the double layer capacitance is large enough to be
omitted and can be replaced by an open circuit and a trend toward more resistive behavior is
observed from the phase response of the 3D microtower MEAs before electroless plating [28].
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Figure 3.6 Full spectrum (a) impedance and (b) phase characteristics of the 3D microtower MEAs.
The line indicates the electrophysiologically significant 1 kHz values on the right-hand side of the
graph. (c) Optical micrographs of a single 3D microtower MEA (c) before and (d) after electroless
plating of microporous platinum. It is clear from the micrographs that microporous platinum has
been deposited at the tips of the microtower.
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Optically, microporous platinum is observed from the gold surface turning black, as
evident from Figure 3.6c, d. A photograph of 10 microporous platinum electrodes of a single patch
is provided in the Figure 3.7a, b. The photograph of the 3D microtower MEAs prior to electroless
plating is also provided in Figure 3.7c, d for easy visual referencing.

Figure 3.7 (a) Photographs of ten recording/stimulating sites after electroless plating of platinum
with (b) close up of the electrodes depicting the deposition of a black layer of micro-porous
platinum; (c) Photographs of the ten recording/stimulating sites before electroless plating of
platinum with (d) close up of the electrodes showing shiny golden appearance.
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Scan rate variations during cyclic voltammetry (CV) of the 3D tower MEAs were
performed after electroless platinum plating as this electrochemical characterization tool provides
invaluable diagnostic information about the electrode such as providing distinctive current peaks
in the CV waveform, marking the reduction/oxidation reactions on the electrode surface, providing
current peaks out of the water window indicating gas evolution, and even showing unexpected
current peaks indicating metal/insulator leakage [29]. Figure 3.8a depicts the scan rate variations
of the 3D tower MEAs after electroless plating. The plated microtower MEA voltammograms
show a generic and expected waveform, where H 2 desorption is observed at ∼ −0.76 V, Pt
oxidation is indicated by cathodic peak at ∼0.0 V, oxide stripping can be seen at ∼ +0.1 V, and H2
adsorption corresponding to the shoulder is below −0.5 V [30], [31].
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Figure 3.8 (a) Scan rate variation of cyclic voltammetry of the 3D microtower MEAs after
electroless plating of platinum. Full spectrum (b) impedance and (c) phase response of the 30 μm
× 30 μm “fine” microelectrodes atop the 3D microtower before and after electroless plating of
microporous platinum. Fitted plot as per Randles’ equivalent circuit is also shown in the figures.
(d) Extracted parameters from the fitted model as per Randles’ equivalent circuit.
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For the smaller electrodes (30 μm × 30 μm in size), the reduction in the electrode size
results in a significant increase in the impedance and consequently decreases the signal-to-noise
ratio (SNR) [26]. This is the motivation for the deposition of microporous platinum on these
electrodes, for improving the SNR. Figure 3.8b, c shows the full spectrum impedance and phase
response of the 30 μm × 30 μm microelectrodes before and after electroless plating of platinum,
respectively. A significant reduction in impedance (N = 2) from 55 to 39 kΩ is observed for the
electrophysiologically relevant frequency of 1 kHz. This value is very much in range for
nanoporous, planar platinum electrodes of a similar size that are commercially available [32]. The
phase signature of the smaller electrodes is also depicted in the same figure, and it is observed that
the smaller size of the electrodes results in a lower value of C DL, which manifests as a resistive
behavior of the MEAs for frequencies up to 100 Hz. As the frequency increases, the effect of C DL
becomes more pronounced and the electrode–electrolyte interfacial impedance becomes more
capacitive [33]. The fitted plot as per Randles’ equivalent circuit [21] also shown in Figure 3.8b,c,
and the extracted parameters are presented in Figure 3.8d.
Figure 3.9a shows a close-up photograph of the tip of 3D microtower after SiO2 deposition.
The interference of light due to the transparent nature of SiO2 imparts a distinct blue–violet color
to the microelectrode. Figure 3.9b depicts a distinctive black color of the microporous platinum on
the top of the microtower after electroless plating on the laser micromachined recording site.
Figure 3.9c demonstrates a SEM image of the tip of the microporous platinum electrode with
significant roughening due to microislands of platinum upon electroless plating. The effect of this
phenomenon is a larger surface area and a lower value of impedance. In order to validate the
presence of platinum, electron dispersive spectroscopy (EDS) analysis of the MEAs was
performed. Figure 3.9d confirms the presence of platinum to approximately 90% wt. after
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electroless deposition on the microporous islands formed on the tip of the 3D microtower due to
peaks attributed to platinum [34].

Figure 3.9 (a) Close-up photograph of the tip of 3D microtower after SiO2 deposition depicting a
“purple hue” indicative of a SiO2 layer. (b) Distinctive microporous platinum (black color) on the
“fine” microelectrodes after electroless plating of platinum subsequent to the laser micromachining
of SiO2. (c) SEM image of the “fine” laser ablated, microporous platinum plated microelectrode
insulated with SiO2. (d) EDS analysis of the “fine” microelectrode after electroless plating of
platinum on the islands of the microporous material formed.
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3.3.3

Biological Characterization of 3D MEAs

Nerve-on-a-Chip® platform integration and measurements of biocompatibility, morphology
and electrophysiology were performed by our collaborators at AxoSim and Tulane University.
The aim of the biocompatibility study was to devise a simple and rapid method to evaluate cell
survival within the 3D MEA samples. Calcein AM is a widely used stain that can be introduced
into cells via incubation [35]. Once inside the cells, calcein AM is hydrolyzed by endogenous
esterase into a green-fluorescent molecule retained in the cytoplasm. Propidium iodide (PI) is a
popular red-fluorescent nucleic acid counterstain that is impermeable to intact membranes of live
cells [36].Figure 3.10a shows the DRGs on the 3D microtower MEAs. One recording patch
containing 10 recording/stimulating sites is marked in blue. The close-up of one of the patches
containing 10 recording/stimulating sites is shown in Figure 3.10b. The keyhole filled with
Matrigel matrix is marked in blue, and the PEG construct is marked in red. Composite images of
live (green) and dead (red) cells of a DRG grown on top of the MEA surface in the circular portion
of the Nerve-on-a-Chip® is shown in Figure 3.10c. Figure 3.10d depicts the stitched composite
image demonstrating DRG placed onto the MEA for a patch containing 10 recording/stimulating
sites. It is clearly seen that neural cells are wrapped around the 3D microtowers, suggesting
anchoring of the construct. Figure 3.10e shows the close-up view of the circular region of the
Nerve-on-a-Chip® for a control sample.
The quantification of the biocompatibility of the samples and the control is depicted as the
percentage of live cells (Figure 3.11a). It is observed that the control sample shows the highest
percentage of live cells (∼96%) in contrast to the photopolymer clear resin used for 3D printing
the substrate of the 3D MEA (∼3%). The other test beds in the 3D MEA material set are in between
the two extremes (∼55%–70%), suggesting potential cytotoxic leachants from the 3D printing
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resin material. In order to better understand this potential toxicity, FTIR analysis of the resin was
performed and its results are discussed in Section 3.3.4.

Figure 3.10 (a) DRGs on 3D microtowers (marked in blue) of the MEA with (b) a close-up view
of the Matrigel matrix keyhole (marked in blue). The outline of the PEG layer is marked in red.
(c) Fluorescence microscopy of DRGs on 3D microtowers (marked in yellow circles) of the MEA
in the circular region of the Nerve-on-a-Chip®. (d) Stitched composite image depicting DRG
placed onto the MEA (1) using Matrigel. DRG stained with calcein AM staining (green) and
propidium iodide staining (red) taken at 4× using an inverted microscope. (2) Neural cells wrapped
around 3D microtowers, determining cell biocompatibility. (e) Close-up of the circular region of
the Nerve-on-a-Chip® for the control sample.
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3.3.4

Chemical and Hydration Characterization of 3D MEAs

To ascertain clues on the biocompatibility of the resin, Fourier-transform infrared
spectroscopy (FTIR) analysis of the 3D printed material was performed. FTIR is a vibrational
spectroscopy technique to obtain the unique fingerprint spectra of a sample due to the sample’s
interaction with electromagnetic radiation in the infrared regions [37]. This type of spectroscopy
measures the absorption, reflection, or transmission of the sample’s electric dipole moment in
response to infrared radiation. Therefore, the spectrum plots the intensity of the absorbed or
transmitted light in response to the infrared wavenumber, which is the inverse of the wavelength
(1/𝜆), with units of cm-1. The FTIR instrument used in our work had a universal attenuated total
reflection (UATR) accessory that enabled the rapid measurement of spectra for both solid and
liquid samples. ATR accessories operate by measuring the changes that occur in an internally
reflected IR beam after coming into contact with a sample, all occurring on top of an optically
dense crystal such as a diamond [38].
Figure 3.11b shows the FTIR results for the uncured as well as the cured resin. An exploded
view of the fingerprint region of the FTIR (2000–650 cm–1) is additionally depicted in Figure
3.11c. The analysis reveals that the uncured base monomer/oligomer is a methacrylic acid ester.
This can be validated by the C═O stretch at 1700 cm–1, C—O—C (methacrylate) asymmetric
stretch at 1250 cm–1, and C—O—C (methacrylate) symmetric stretch at 1050 cm–1. Observations
are further consolidated by the oscillation of the ester group (O═C—O—R) at 1168 cm–1. It is
important to note that the signals corresponding to the C═C acrylate moiety at 1638 and 816 cm –
1

are significantly decreased after curing, indicating the consumption of double bonds due to the

network formation on polymerization. For the same reason, the signal representing the oscillation
of the ester group is observed to have shifted from 1168 to 1137 cm–1, the signal at 772 cm–1
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corresponding to H—C═R has weakened and shifted, and the signal at 1453 cm–1 due to C—H
bending due to the methylene has also decreased. These signals along with the overtone from the
C═O stretch, which manifests itself at 3364 cm–1 in the monomer/oligomer/polymer, confirm that
the polymer is a methacrylic acid ester, which is not a hazardous compound as per Globally
Harmonized System (GHS) classification [40]. Thus, potential cytotoxic behavior of the material
is most likely not due to the base polymer but to the presence of the photoinitiatiors and/or other
compounds such as thermal polymerization inhibitor. Photoinitiators produce high-energy radicals
when exposed to a specific wavelength of light, which consequently induces polymerization of
monomers by activating the carbon double bond. Previous studies have shown that the presence
of these high-energy radicals can additionally lead to oxidative damage to cell populations,
depending on cell type and proliferation rate [41]. Free radicals generated from resin systems may
result in the production of reactive oxygen species (ROS) in a biological system because any
present oxygen has the potential to react with polymerization radicals due to oxygen’s diradical
properties [42], [43]. For instance, the literature has demonstrated that the participation of ROS,
such as hydrogen peroxide, superoxide anion, and singlet oxygen, in their respective reaction
pathways, can lead to apoptotic neuronal death [44].
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Figure 3.11 (a) Nerve-on-a-Chip® biocompatibility was determined by measuring neural cell
viability after 10 days of culture on the device. The bar graphs compare the control (neural cell
viability on tissue culture plastic) versus cells grown on insulated devices and plain resin. Error
bars indicate SD, and *** indicate significance of p < 0.0001 for ANOVA. (b) FTIR analysis of
the 3D printed clear resin with (c) exploded plot of the fingerprinting region. (d) Water sorption
characteristics of the fabricated 3D MEAs, and (e) SEM image of a 3D printed high-density 3D
MEA (base diameter ∼100 μm; height ∼150 μm) having 131 recording/stimulating sites as per the
Nerve-on-a-Chip® design.

79

While the photoinitiator acts as a catalyst for photopolymerization by converting absorbed
light energy into chemical energy, free radicals, and/or cations, thermal polymerization inhibitors
are used to prevent thermal polymerization or polymerization over time to increase the shelf life
of the resin [45]. Typical photoinitiators present in commercial resins may range from phosphine
oxide compounds, hydroxyl-acetophenones, benzophenone compounds, camphorquinone, 1hydroxycyclohexyl phenyl ketone, triarylsulfonium salt, etc [46], [47]. However, from the FTIR
analysis, the P═O stretch at 1320 cm–1 confirms that the photoinitiatior is indeed based on
phosphine oxide. Further, the signals arising at 1406 and 945 cm–1 from the phenyl-P bonds
corroborate the photoinitiator to be either TPO (diphenyl(2,4,6-trimethylbenzoyl) phosphine
oxide) or BAPO (phosphine oxide, phenyl bis(2,4,6-trimethylbenzoyl). It may be noted here that,
for phosphine oxide based photoinitiators, when the sample is post cured at elevated temperatures
of 60 °C, they result in colored peroxides formation and a significant yellow discoloration [48].
TPO has a lower yellow degree relative to BAPO, and as the resin is essentially “clear” upon
photopolymerization, the photoinitiator may be concluded to a best degree of approximation to be
TPO. Two other important signals also emerge from the fingerprint region: the absorption peaks
at 1530 (asymmetric stretch) and 1365 cm–1 (symmetric stretch) arising from the NO group
attached to an aromatic ring. This suggests the presence of nitrobenzene [45], a compound that is
commonly used to prevent thermal polymerization over time. Both TPO and nitrobenzene are
hazardous compounds as classified by GHS [49], [50] and are expected to significantly reduce the
biocompatibility of the substrate.
However, as we add functionalities to the device, such as (a) metallization for realization
of the traces using Ti/Au, which is biocompatible, (b) coarse insulation to cover the traces in the
form of the biocompatible laminate layer, and (c) fine SiO 2 insulation to realize 30 μm × 30 μm
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electrodes, which is also biocompatible, the device gets increasingly biocompatible. The role of
the SiO2 layer is very critical in this regard, as it acts as a composite biocompatible/laser
micromachinable layer. The fine insulation definition by evaporation of SiO 2 to realize the smaller
electrodes inevitably covers the interelectrode regions having exposed photopolymer, as the
biocompatible lamination layer acts more as an insulation for the traces to define the microtower
MEAs and the gold metallization covers only the 3D microtowers. All these steps are expected to
increase the biocompatibility of the device in addition to making the device capable for realization
of small recording sites (30 μm × 30 μm).
As the chemical analysis reveals, the base polymer being a methacrylic acid ester will be
prone to water/media sorption during the time frame of housing cells, which is typically 1–4 weeks.
To evaluate the water sorption characteristics, dummy samples were placed in peak physiological
conditions to best mimic cell culturing conditions. The devices were fully submerged in order to
ensure that the hydration constant for the experiment was always as close to 100% as possible and
provide results over a reasonable time scale. As can be seen in Figure 3.11d, the warpage of the
resin-based devices was not constant but did show a uniform upward trend in the average warpage.
The peaks would indicate full saturation of the devices, while small dips in the data demonstrate a
fluctuating equilibrium. These dips occurred when evaporation was highest, and more water was
allowed to diffuse out of the devices. Subsequent peaks demonstrate another full hydration of the
devices, and the propagation of already warped devices caused even further warpage. The thicker
devices (starting with the 2 mm device) showed significantly lower warpage, with the 2.5 mm and
3 mm devices showing no warpage at all over the 30-day period during which this test was carried
out. The warpage of the devices that was observed could be characterized by the hydration of the
devices, leading to a compressive stress on the polymeric structure of the resin, and led to
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permanent change in device structure. Thus, it was observed that the 3D printed polymer chemistry
has a very important role to play not only in achieving optimum design-to-device translations,
which is dependent on the 3D printer resolution, but also for the chemical, biological, and
hydration stabilities with long term in vitro cultures.
With the increasing growth in 3D printing technology, significantly higher packing
densities of 3D MEAs can be achieved along with the use of a wide variety of biocompatible
polymers, which can be printed in open platform 3D printers. Also, a “proof-of-concept” device
was 3D printed using an Asiga MAX X27UV (Alexandria, Australia) digital light processing
(DLP) 3D printer, which offers a X, Y resolution of 27 μm and Z resolution of 1 μm. Figure 3.12e
shows a SEM image for the base microtower structure of such a high-density 3D MEA with 131
recording/stimulating sites in the electrode patch area of a Nerve-on-a-Chip®. The base diameter
of the electrodes is ∼100 μm with a height of ∼150 μm. A commercial polymer (Pro3dure GR-1
CLEAR, Proto Products) as used as the matrix material to print this structure using a DLP 3D
printer. This albeit preliminary architecture demonstrates the capability of makerspace
microfabrication to realize high-density 3D MEAs designs for the electrophysiological assessment
of a 3D microengineered tissue systems.

3.4 Conclusions
In this work, we have demonstrated the rapid fabrication of a novel 3D microtower MEA
(250 μm base diameter, 400 μm height) as well as smaller, controllable electrodes having a size of
30 μm × 30 μm at a height of 400 μm, with a 3D printing-based microfabrication technology,
which can interface with organ-on-a chip models. These MEAs are technically robust and fully
functional for in vitro applications. The fabrication methodology involves the application of
makerspace microfabrication techniques that demonstrate a close synergy between conventional
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semiconductor technologies and nontraditional, benchtop micromachining approaches. It is
observed that the 3D MEAs demonstrated using this method show comparable electrical,
electrochemical, and hydration stability performance with 3D MEAs realized using much more
sophisticated, elaborate, and cost intensive techniques. Additionally, the 3D MEAs are able to
house a Nerve-on-a-Chip® successfully for 10 days in vitro with an increased biocompatibility
from 3% to 70% with the addition of various layers atop the 3D printed resin base structure.
Chemical cues to understand the reasoning for this biocompatibility issue are further inferred using
FTIR analysis. Future work in the development of this device includes stimulation and recording
of electrophysiological activity from the integrated tissue chip system.
The technology demonstrated in this paper provides rapidly customizable devices ready
for “disease in a dish” and “organ on a chip” applications of cell/tissue growth, proliferation, and
short-term/long-term cultures in vitro.
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CHAPTER 4: DEFINITION AND OPTIMIZATION OF SPIN-COATED
INSULATION FOR 3D MEAS
Adapted with permission from: Azim N., Kundu A., Royse M., Li Sip, Y. Y., Young M., Santra
S., Zhai L., Rajaraman S. “Fabrication and Characterization of a 3D Printed, MicroElectrodes
Platform with Functionalized Electrospun Nano-Scaffolds and Spin Coated 3D Insulation Towards
Multi- Functional Biosystems” IEEE Journal of Micromechanical Systems, 2019. 28(4), p. 606612. Copyright 2019 IEEE.
Along with work from: Azim N., Orrico J., Zhai L., Rajaraman S. “Polydopamine Surface
Functionalization of 3D Printed Resin Material for Improved Polystyrene Film Adhesion,” To be
submitted to ACS Biomaterials Science & Engineering.

4.1 Introduction
The realization of a suitable spin coated insulation layer for 3D electrodes has always remained
a challenge due to diverse topographies for conformal deposition of biocompatible materials with
a low thermal budget. Spray, dip, conformal vapor and electroplated resists have been used for 3D
coatings but require specialized instrumentation (e.g. expensive 3D spray coaters) or processes
unsuitable for polymer microfabrication [1]–[5]. Once insulation definition is achieved on 3D
electrodes, selective removal of the insulation layer from the top of the metallized 3D geometry
allows for the definition of electrodes typically down to 50 × 50 μm2 [6] and we were able to
demonstrate this ourselves in Chapter 3.
Conventionally used photoresists such as biocompatible SU-8 do not perform well for 3D
geometries with high topography because of their high viscosities. The challenge is to adjust the
evaporation rate and the solid content of the photoresist which may be achieved with the help of
solvents such as methyl ethyl ketone (MEK) and propylene glycol monomethyl ether acetate
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(PGMEA) [7]. Although the dilution makes the photoresist solution more mobile, it also makes
the coating very non-uniform in 3D topographical regions. This also results in accumulation of the
photoresist along the bottom surfaces having the 3D topography. Thus, both the 3D geometry and
the planar surface housing the 3D geometry suffer from either poor coverage or lumped coatings
of the photoresist respectively.
The key to achieving conformal coatings on 3D structures having high aspect ratios is to
engineer a balance between the viscosity of the solution and its evaporation rate [8]. An optimum
viscosity will allow for mobility to coat 3D geometries whereas the optimum solvent evaporation
rate would prevent any unwanted accumulation of the material being spin coated. In recent years,
the use of liquid polystyrene (PS) as a room temperature, photocurable, soft lithography
compatible material with “pour-and-cure” type processes has received much interest [9]. By tuning
the solid content of the PS mixture, we can control the thickness of the coating and by altering the
liquid content and type of solvent we can regulate the evaporation rate of the mixture, thus realizing
a one-step 3D insulation layer. This pour-spin-and-cure insulation defining technique is another
toolbox process added to ‘Makerspace Microfabrication.’ We demonstrate a 3D insulation strategy
involving drop-casting and spin-coating of Polystyrene (PS), which was subsequently laser
micromachined to realize the microelectrode recording sites (50 × 50 μm2 area) on the 3D MEA.
The 3D insulation technique followed by laser micromachining transforms the mesoscale 3D
microtowers to the microscale 3D MEAs. FTIR confirms the PS layer in 3D and SEM
imaging imaging was performed to demonstrate the geometry of the 3D MEAs, the conformal
deposition of the PS insulating layer. Electrical Impedance Spectroscopy (EIS) measurements
were performed to confirm typical MEA behavior.
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Although conformal and uniform deposition of PS can be obtained, we face the challenge
of PS film delamination from the 3D printed resin material, especially when the devices were
placed in the incubator for in vitro cell culture studies. Traditional surface treatment methods such
as corona treatments or plasma exposures were not enough to address this adhesion issue [10].
Plasma surface treatments are oxidative in nature and increase the polar component of the
otherwise low surface energy of the treated substrate. However, these surfaces are prone to aging,
or undergoing post-reactions due to active sites induced by plasma. Aging effects depend on the
bulk material’s internal property to attain thermodynamic equilibrium by restructuring processes
and diffusion, as well as external factors such as adsorption or oxidation by contaminates from
atmosphere, resulting in lower surface energy [11]. Therefore, the effects of plasma treatment can
be lost with time [12].
Surface energy describes the excess energy associated with the presence of a surface and
is regarded fundamental to understanding adhesion. Adhesion is the force required to separate two
different surfaces and is determined by the molecular interactions of the two surfaces, number
density of the molecules, and the contact area [13]. Adhesion strength can be improved by
modifying the substrate surface by grafting, or directly coating, a layer of soft polymer to increase
contact area between two surfaces of interest owing to the deformation of polymers during contact
and compression [13]. Additionally, increasing the surface free energy results in improved
adhesion as the chemical interactions between the two surfaces increase.
Polydopamine (PDA) has been widely investigated as a “bio-glue” since 2007 due to its
strong adhesion ability [14]. This mussel-inspired surface chemistry is well known for its
simplicity, biocompatibility, mild processing and coating conditions, and its universal and
substrate-independent applications [15]–[18]. PDA is formed from the self-polymerization of
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dopamine (DA) and the structure is dependent on the pH, time, concentration, etc.[19]. Although
the details of the mechanism of polymerization and structure still remain unknown, it is certain
that the initiation of polymerization is due to dissolved oxygen and an alkaline environment that
triggers oxidation by deprotonation of catecholamines followed by molecular assembly [20]. PDA
has the unique ability to be deposited as a conformal thin film onto any topography and on any
types of organic and inorganic surfaces via a dip coating process [21]–[23]. Previously, molecular
interactions between PDA and PS were investigated and found that hydrophobic, cation-π and ππ stacking interactions contributed to the adhesion between the two materials [24]. In general,
primary adhesion of PDA arises from hydrogen bonding between phenolic hydroxyl group and
hydrogen-bonding acceptors or even formation of covalent bonds with polar polymer surfaces,
whereas hydrophobic or π-π interactions play a crucial role between PDA contacts with non-polar
polymers [14].
In this study, two surface modification techniques are explored to improve the interaction
of the spin-casted PS film atop of the 3D printed substrate. We first employed another printing
technique called digital light processing (DLP), in which a projection method exposes an entire
layer of resin at once for quicker prints and allows for a higher resolution print as compared to the
µSLA printer utilized previously [25]. Both µSLA and DLP printers have the capability to print
the same commercial resin, FormLabs Clear (FLC) but result in different topographies. This is a
mechanical method to improve adhesion. Secondly, the surfaces of the printed substrates are
modified with PDA as a method of introducing chemical interactions to improve adhesion. PDA
is grafted to the surface of the PMMA-based FLC resin through formation of amide bonds via a
carbodiimide crosslinker and a schematic of this reaction can be seen in Figure 4.1 [26]. The
aromatic and hydrophobic groups from the PDA modification are expected to have improved
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chemical interactions with PS via increased surface energy and noncovalent interactions. The
adhesion strength of the PS atop of the surface was characterized by incubation and subsequent
scotch tape peel tests, resulting in overall improved adhesion between PS and FLC substrates
(FLCS) printed via DLP and especially after PDA surface modification. The surface morphology,
chemical composition, and surface free energy of surface before and after modification were
characterized. Additionally, the substrates were tested for biocompatibility using a mouse
cardiomyocyte cell line (HL-1) as these substrates are intended to be utilized as potential in vitro
interface devices such as MEAs and other biosensors for intimate contact with cells.

Figure 4.1 Schematic of treatment of poly (methyl methacrylate)-based resin surface with corona
plasma to introduce high energy functional groups (a). Schematic of potential mechanism of
polydopamine conjugation and self-polymerization (b).
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4.2 Materials and Methods
4.2.1

3D Insulation Definition and Characterization on 3D MEAs

To realize smaller electrodes, a polystyrene (PS) insulation layer is defined atop the 3D
microtowers with Figure 4.2a before insulation and Figure 4.2b after insulation. The PS solid
(∼280 kDa, Sigma Aldrich, St. Louis, MO, USA) was dissolved in tetrahydrofuran (THF) (Thermo
Fisher Scientific, Waltham, MA, USA). Concentrations consisting of 10%, 20%, 30% and 40
w/v% PS in THF were prepared to determine the optimal concentration and spin-speeds to achieve
an insulation thickness of approximately 5 μm comparable with commercial 2D MEAs [58] and
other polymer 3D MEAs approaches [59]. The insulation layer was achieved by either a dropcasting or drop-casting/spin-coating technique using PS.
To evaluate the performance of the drop-casting technique, 2 mL of aforementioned
concentrations of various PS solutions were dispensed first onto glass slides. In order to insulate
the 3D microtower using the drop-casting technique, 2 mL of 10% PS was dispensed to fully
envelop the microtower device and allowed to sit at room temperature for the solvent to evaporate
and leave behind a thin film layer. For the drop-casting/spin-coating technique, the insulation layer
was dispensed in a similar fashion on glass slides. The slides were immediately spun before the
solvent could evaporate. Spin-coating at 500 rpm, 1000 rpm and 5000 rpm were performed for 30
seconds, and the resulting film thickness was measured using a profilometer (AlphaStep D-500
Stylus Profiler, KLA-Tencor, Milpitas, CA, USA). Once the planar glass slides were characterized,
a 30% PS solution was chosen and spin-casted on 3D printed microtowers of the following heights:
1200 μm, 1600 μm and 2000 μm (all devices fabricated with aspect ratios of 2), at 1000 rpm for
30 seconds. The thickness of the 3D PS insulation layer was determined from scanning electron
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microscopy (SEM) images by carefully cleaving the towers prior to SEM and measuring film
thickness near the tips of the towers with the aid of ImageJ software.
The translation of film thickness from planar to three-dimension was validated by this
study. Thus, to obtain a desired thickness of 5 μm on the final 3D MEAs, 20% PS solution dropcasted and spin-coated at 5000 rpm for 30 seconds (process conditions chosen based on the 2D
data). Prior to the spin-coating, a culture well with an inner diameter of 30 mm is 3D printed,
coated with Poly-dimethylsiloxane (PDMS) (Sylgard 184, Midland, MI, USA) and bonded to the
microtower array using a biocompatible adhesive (Epo-tek® 353ND, Billerica, MA, USA) to
realize the final device (similar to the microtower MEAs). The 3D insulation layer was
subsequently selectively ablated by laser micromachining to define 3D microelectrodes (Figure
4.2c; microelectrodes: 50 × 50 μm2; a 532 nm laser beam at an energy level of 1.2 mJ) utilizing
QuickLaze 50ST2 (Eolite Lasers, Portland, OR, USA). SEM was used to characterize the
microelectrodes.

Figure 4.2 Schematic of the 3D insulation and nanoscaffolding process flow - (a) Metallized 3D
towers; (b) 3D PS insulation atop the metallized 3D towers; (c) Insulation ablation using a laser
micromachining process (Laser symbol in green).
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4.2.2

Chemical and Electrical Characterization of 3D Insulation on 3D MEAs

Fourier-Transform infrared spectroscopy (FTIR) was performed for the PS insulation
layer. FTIR measurements were conducted using a PerkinElmer Spectrum 100 FT-IR
Spectrometer (Waltham, MA, USA) where 1-5 mg of sample was used for each FTIR
trial. Impedance measurements of the MEAs were performed on 3D MEAs with microtowers and
3D microelectrodes using Bode 100 (Omicron Labs, Houston, TX, USA) with Dulbecco’s
Phosphate Buffer Solution (Thermo Fisher Scientific, Waltham, MA, USA) as the electrolyte. The
impedance scans were carried out from 10 Hz to 1 MHz with a platinum wire (eDAQ, Denistone
East, Australia) as the counter electrode.

4.2.3

Printing of Planar and Cell Culture Well Substrates for Adhesion Optimization

The general substrate processing schematic for testing polydopamine surface treatment is
provided in Figure 4.3. Solidworks, a Computer Aided Design (CAD) software was used to design
the different substrates: flat test substrates with dimensions of 12 mm by 12 mm by 1.5 mm and
3D MEA culture well substrates with dimensions of 25 mm by 25 mm base and a culture well
diameter of 10 mm, with a height of 3 mm. FormLabs Clear (FLC) liquid resin was used for
printing on both FormLabs Form 2 micro-stereolithography based printer with a laser wavelength
of 405 nm and Asiga MAX Digital Light Processing (DLP) based printer with a ultraviolet light
emitting diode light source (UV LED) having a wavelength of 385 nm. Important printing
parameters for Asiga MAX to note are: 50µm thickness layer, 3 second exposure, and a 5 second
burn-in layer. After the print, the substrates were removed from the stage and post-processed
depending on the type of printer. The FormLabs Form 2 printed substrates were rinsed with
isopropanol (IPA), placed in a sonication bath for 15 minutes, removed and rinsed once more with
IPA, and finally a post-bake and cure was performed for 15 minutes at 60 °C with UV flood
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exposure using FormLabs Form Cure. The post-processing for the Asiga MAX printed substrates
consisted of two fresh IPA baths in sonication, post-UV curing for 5 minutes, and a post-bake at
60 °C.

Figure 4.3 General substrate processing schematic. The substrates were printed either via µSLA
(not depicted) or DLP (depicted here) printers using FormLabs Clear (FLC) liquid resin to realize
FLC substrates (FLCS) (A). FLCS were then treated with corona discharge to activate the surface
and then added to a solution of dopamine (DA) and crosslinker (EDC) for polydopamine (PDA)
deposition times of 1, 12, and 24 hours (B). The FLCS-PDA samples were rinsed and dried and
then coated with polystyrene (PS) solution via spin-casting (C).
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4.2.4

Dopamine Surface Treatment

A solution of 0.05 M dopamine (DA) solution was made immediately before immersion of
the 3D printed substrates. DI water was added to the weighed-out dopamine hydrochloride (Sigma
Aldrich) in a 50 mL Falcon tube and vortexed for 1 minute to dissolve. Subsequently, a magnetic
stirrer and 2-minute ambient corona plasma (BD-20AC Laboratory Corona Treater, Chicago, IL,
USA) treated substrate was added to the solution. Finally, an amount of 0.1 M 1-ethyl-3-(3dimethylaminopropyl) carbodiimide (EDC) (Alfa Aesar, Ward Hill, MA, USA) was added to get
a 1:1 molar DA to EDC ratio, which resulted in increase of pH to 8 to aid in both the conjugation
of PDA onto the substrates surface and initiation of self-polymerization. The solutions were
allowed to sit stirring exposed to air for either 1, 12 or 24 hours. At each respective time point,
samples were removed from the polydopamine (PDA) solution and thoroughly rinsed with DI
water 3 times prior to subsequent processing or characterization techniques.

4.2.5

PS Thin Film Realization on Surface Functionalized Substrates

Polystyrene (PS) (~280 kDa, Sigma Aldrich) pellets were dissolved in tetrahydrofuran
(THF) (Thermo Fisher Scientific) at a concentration of 20% w/v. From section 4.2.1, spin-coating
(Laurell WB-400B-6NPP, North Wales, PA, USA) parameters were optimized and found to form
films at approximately 4-5 μm at 5000 rpm for 30 seconds. Therefore, these parameters were also
used in this study and once PS was deposited, samples were allowed to sit at room temperature to
evaporate off any residual solvent. For the thermal annealing studies, samples were placed in the
benchtop oven (Fisher Scientific) for 1 hour at 115 °C.
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4.2.6

Surface Characterization

The FLCS composition was confirmed by Fourier transform infrared spectroscopy (FTIR)
using Shimadzu IRSpirit (Columbia, MD, USA). Due to the thin deposition of PDA, the
composition and presence was confirmed using XPS (Physical Electronics 5400 ESCA,
Chanhassen, MN, USA). Thickness of the deposited PDA at each time point was determined using
contact mode atomic force microscopy (AFM) using Anasys Instruments NanoIR2. Images
obtained from AFM and SEM measurements were analyzed using Gwyddion, a data visualization
and analysis software. Topography, structure, and roughness at each time point was determined
using Scanning Electron Microscopy (SEM) (Zeiss ULTRA-55 FEG, Jena, Germany). Contact
angle measurements were obtained using OCA15EC optical contact measurement apparatus by
Dataphysics-Instruments (Filderstadt, Germany). Contact angles were obtained for both water and
diiodomethane and used to calculate the surface free energy change of the PDA modified surfaces
at each time point using the Owens-Wendt method [27].

4.2.7

In Vitro Testing

The cell viability of the functionalized samples was tested by first attaching Asiga MAX
printed FLC substrates to a 6-well plate with 353ND epoxy (Epotek), mixed at a 20:1 epoxy to
hardener ratio. The samples were placed in the oven at 45 °C overnight, sterilized by cleaning with
70% ethanol and 24-hour UV exposure [28], and finally coated with fibronectin prior to culturing.
Approximately 330,000 cells of HL-1 cells were seeded in each well of the prepared 6-well plate
and cultured with supplemented Claycomb medium. Cells were then cultured at 37 °C in a
humidified 5% carbon dioxide atmosphere. Media changes occurred every day up to five days and
on the sixth day the cells were analyzed by trypan blue (Gibco, 0.4% solution) exclusion cell
counting assay [29] to quantify the cell viability. Then confocal imaging was performed on
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samples prepared by curing the FLC liquid resin within a 6-well plate and subsequent PDA
functionalization and PS coating. The cell culturing protocols for imaging were the same as the
cell viability tests but utilized a live/dead assay (Invitrogen Live/Dead Cell Imaging Kit for
mammalian cells) using a Keyence BZ-X800 All-in-One Confocal Microscope, where live cells
would fluoresce green and dead cells would fluoresce red due to the uptake of calcein-AM and
ethidium homodimer-1, respectively.

4.3 Results and Discussion
4.3.1

3D Insulation with PS on 3D MEAs: Optimization and Characterization

Figure 4.4a shows the SEM image of the PS insulated, metallized 3D microtower with a
drop-casted layer of 10% PS solution. Higher concentrations of the PS solution were not used as
they would lead to longer drying times causing topographical defects as observed in the glass slides
and in this figure. Even with a 10% PS concentration, it is observed that when the PS solution is
drop-casted on the 3D printed structure, the PS forms a blanket layer atop the 3D towers as shown
in Figure 4.4a upon drying. A closer look at this image additionally reveals micropores at the base
of the towers, formed due to the drop-casted PS solution being thicker around the base of the
towers and during the drying of the PS solution, bubbles of the solvent (THF), escape from the PS
layer leading to the observed porosity. This problem would only have been aggravated for higher
concentrations of PS. This issue however is completely resolved when the samples are spin coated
after drop casting. The PS layer is uniform and conformal on the 3D printed tower geometry as
depicted in Figure 4.4b.
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Figure 4.4 SEM image of 3D microtower MEA coated with PS: (a) after drop-casting, (b) after
drop-casting and spin coating.
Table 4.1 summarizes the obtained PS film thicknesses on glass slides for the various
concentrations and spin-speeds tested. Film thickness increased as concentration increased and
decreased as spin speed increased, both following expected trends. PS concentrations higher that
30% resulted in the formation of “lumps” in the spin-coated device. This data could then be used
to define insulation of any desired thickness. However, since the insulation layer technique was
intended for 3D structures, conformality had to be demonstrated along the entirety of a 3D
topography. To corroborate the translation of the spin-coating parameters from the 2D to 3D
regime, 30% PS spin coated at 1000 rpm was employed. A PS concentration of 10% was too low
and resulted in a thickness under 5 μm, whereas 40% was too high and resulted in “lumping”.
Therefore, 20-30% concentration range was chosen to achieve uniform PS film in 3D (Table 4.2).
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Table 4.1 Summary of film thickness resulting from various polystyrene (PS) concentrations and
spin-speeds in planar dimension.
Concentration of PS

Film Thickness (𝛍m)

in THF (%w/v)

500 rpm

1000 rpm

5000 rpm

10

0.919 ± 0.198

0.960 ± 0.327

0.806 ± 0.044

20

5.437 ± 0.944

5.109 ± 0.345

4.178 ± 0.772

30

47.925 ± 17.560

23.694 ± 5.994

8.801 ± 0.580

40

Lumped

75.993 ± 20.522

31.457 ± 3.187

Table 4.2 Summary of film thicknesses resulting from various polystyrene (PS) concentrations and
spin-speeds in three-dimension.
Concentration of PS (%)

Spin-Speed (RPM)

Film Thickness (𝛍m)

20

5000

4.578 ± 0.652

30

1000

18.617 ± 4.442
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Figure 4.5 shows the cleaved tips, exposing the 3D resin and PS film around the diameter
of the towers. As depicted in Figure 4.5, the thickness of the film was approximately 20 μm for all
of the heights tested. This thickness was similar to the thickness obtained in Table 4.1, given the
same parameters, indicating that the coating parameters were valid for 3D topographies up to a
height of 2000 μm. The observed uniform coverage by PS on 3D structures could be attributed to
the low viscosity of the solution enabling it to be mobile and spinning, dispersing the solution
along the sides of the towers, and atop the tips, covering any unexposed area. The volatility of the
THF permitted the curing and solidification of PS immediately after covering the varied
topography, preventing the accumulation of material from settlement.
Although, the PS was relatively uniform, heterogeneity in the film thickness could still be
observed along the diameter of the broken tips. For instance, the left tower in Figure 4.5a indicates
a thinner film towards the bottom as compared to the top of the tower. The top of the tower could
have been facing the outer radius of the spin-coater and as the polymer solution flowed, it was
collected and subsequently dried in that area. To address this problem, less solution can be used,
or the polymer solution can be drop-casted immediately after spinning has started to ensure that
the THF does not evaporate instantly. From Table 4.1, it is also apparent that 20% PS, spin-casted
either at 1000 rpm or 5000 rpm, would result in the desired film thickness of approximately 5 μm
in both 2D and 3D, which is thickness of traditional insulation layers for MEA devices [30]. Once
the insulation technique was developed and optimized, it was applied to the fabricated 3D
microtower electrodes to realize smaller (50 × 50 μm2) electrodes.
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Figure 4.5 SEM images of broken tips to determine PS film thickness for (a) 1200 µm, (b) 1600
µm and (c) 2000 µm tall microtowers. An ImageJ scale bar of 20 µm indicates the thickness
comparisons in the various heights.
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Figure 4.6a depicts a close-up SEM image of the 3D tower MEA after drop-casting and
spin-coating of 20% PS insulation at 5000 rpm. The recording site in the 3D MEA was defined
by laser micromachining and the laser ablated electrode is shown in both Figures 4.6a and 4.6b.
The film exposed after laser ablation was measured to be 5 μm, which was as expected from Table
4.1 given the insulation thickness characterization. Thus, subsequent experiments used these
parameters to define the insulation layer on the 3D MEA. This insulation technique was successful
due to the low viscosity of the PS solution and high volatility of THF, 2.5:1 vapor density ratio
relative to air [31]. The simplicity, thermal cost, biocompatibility and rapid definition of 3D
insulation using PS provides a significant advantage over traditional insulation materials such as
SU-8 and PDMS.
Figure 4.6c depicts the full spectrum impedance and phase response (N=2) of the 50 × 50
μm2 3D MEAs after PS insulation and laser micromachining. The reduction of the microelectrode
size results in a significant increase in the impedance to 41.4 kΩ at 1 kHz. The phase signature of
the smaller electrodes is also shown in the same Figure, and it is seen that the smaller size of the
electrodes causes them to have a lower value of CDL, which manifests in the resistive behavior of
the MEAs at frequencies till 100 Hz. As the frequency increases the effect of C DL becomes more
pronounced and the electrode-electrolyte interfacial impedance becomes dominated by
capacitance. However, at higher frequencies the solution resistance starts to dominate the response
which was also observed for the 3D microtower MEAs making the phase response resistive, all
observations matching microelectrode theory [32]–[34]. In our previous work, excimer lasers were
used to define up to 768 microelectrodes in a high-throughput MEA simultaneously, in a 12-inch
by 12-inch panel type format [35]. Thus, this technique has the ability to scale to higher
throughputs than what has been demonstrated in this work. In addition, utilizing our previously
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reported work on precision electroplating on 2D MEAs [36], we have the potential of defining
mushroom-like microprotrusion electrodes in 3D. As mentioned previously, microprotrusions
serve as unique recording platforms since these structures allow for intracellular signal recordings.
Intracellularly recorded action potentials are higher resolution than extracellularly recorded spikes,
where the signal may vary in shape and polarity [37], [38].
Figure 4.6d provides the FTIR of the PS coated on the 3D MEA. Some noteworthy peaks
from the PS FTIR include the peak at 695 cm−1 from a ring bend indicating that the molecule is
monosubstituted and the 748 cm−1 peak from C-H wag signifying a C-H bond to a benzene ring,
both of which are characteristic peaks of polystyrene.
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Figure 4.6 SEM image of 3D MEAs coated with PS: (a) drop-casted, spin-coated and laser ablated
to expose an opening in area of approximately 50 × 50 μm2 (area indicated with box) and (b) close
up of ablated area indicates a PS film thickness of ∼5 µm. (c) Plot of magnitude and phase of
impedance for 3D MEAs with 50 × 50 μm2 microelectrodes and (d) FTIR analysis of PS film
resulting after casting.
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4.3.2

Printer Effect and Polydopamine Functionalization

The next part of this study was to improve the PS adhesion to the 3D printed substrate base.
Planar and cell culture well substrates were printed with FormLabs Form 2 and Asiga MAX and
can be observed in Figure 4.7, where the Asiga MAX printed samples are visually more transparent
and smoother than the FormLabs Form 2 samples. The difference of topography in the two types
of printers is due to the light source. FormLabs Form 2 is a laser based micro-stereolithographic
method with a wavelength of 406 nm and a spot size of 140 μm. The diffraction of the laser as it
travels through the glass and resin tank results in decreased resolution [39]. The resolution of print
is also limited by the spot size and this spot-by-spot structure construction of microstereolithography printers consequently results in a slow process. However, the Asiga MAX DLP
printer utilizes flashes of light from a LED source at a wavelength of 385 nm controlled by a
Digital Micromirror Device (DMD), which improves the resolution to a pixel resolution of 27 μm
[40], which is an order of magnitude better than Form 2. Unlike µSLA, DLP allows multiple pixels
on the same XY plane to be cured at the same time and can control the length of layer curing
duration, resulting in a controlled smoother layer definition than for µSLA prints as observed from
the prints in Figure 4.7a.
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Figure 4.7 Picture of FormLabs and Asiga MAX printed substrates (A) and with respective PDA
modified surfaces over various periods (B and C). FormLabs printed culture well substrates treated
with PDA at various time intervals and subsequently coated with PS after 24 hours of incubation
(D). Asiga MAX printed culture well substrates treated with PDA at various time intervals and
subsequently coated with PS after 24 hours of incubation (E). Scale bar is equal to 12 mm.
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Figure 4.7b and c depict optical images of PDA modified planar substrates at 0, 1, 12, and
24 hours printed with FormLabs and Asiga MAX printers, respectively. There is a drastic
difference in the color after modification, especially at 24 hours, which compromises the
transparency of the substrate. The samples printed via Asiga MAX depict a more uniform coverage
when compared to their FormLabs counterparts. However, larger aggregation coverage seemed to
be concentrated in rough areas on the substrate for both sets of samples where there is more surface
area that PDA can deposit on and look concentrated in those areas.

4.3.3

Adhesion Testing on Modified Surfaces

Previously, poor adhesion of PS films on cultures wells was observed after incubating
samples where the film would delaminate (Figure 4.8a). Culture wells provide a topographical
challenge to conformal coatings of PS by providing topographical features such as sharp corners,
abrupt turns etc. where breakage of film may occur (Figure 4.8b). “Bubbling” or wrinkling of the
PS was a sign of poor adhesion as solvent was able to enter and make contact with the underlaying
substrate, simultaneously decreasing the substrate’s interaction with PS.
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Figure 4.8 Camera image with a scale bar of 12 mm (A) and SEM images (B) of “bubbling,” or
delamination, of PS from the as printed 3D MEA substrate after incubation for 24 hours.

Figure 4.7d provides the results of incubation tests for FormLabs printed culture wells that
were treated with PDA at 1-, 12-, and 24-hours and then coated with PS. These samples were
placed in a cell incubator, which provided an environment that is humid and warm to test the
effects on adhesion. The control, 1- and 12- hour samples resulted in bubbling, where the PS would
delaminate in certain areas raising the film to look like a bubble. This was similar to what was
observed in previous studies where we utilized this insulation coating. At 12 hours, it appeared
that most of the samples had strong adhesion in the middle of the culture well and the film outside
of the culture well would however delaminate. At 24-hour treatment of PDA, such bubbling of the
samples was not observed indicating improved adhesion in the incubator (Figure 4.7d).
Interestingly for the Asiga MAX printed substrates, the adhesion after 24-hour incubation
was improved overall even without PDA modification. The adhesion differences between the
samples were tested briefly by utilizing a simple scotch tape peel test and is summarized in Table
4.3. Two different parameters were tested: adhesion before and after incubation and the effect of
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thermal annealing on the adhesion. Thermal annealing after PS coating was performed at the glass
transition temperature (Tg) of ~115 °C on the Asiga MAX samples to alleviate film formation
stress and further improve adhesion. When thermal annealing, PS reaches its Tg where it not only
decreases stress on the film, but also enhances polymer chain mobility to improve the specific
physical and chemical interactions [41]. For Asiga MAX printed samples that were not thermally
annealed, especially those treated with PDA at 12- and 24-hour intervals, wrinkling would be
observed on samples containing 3D topographies such as culture wells (Figure 4.9), but these
effects did not occur for planar samples after incubation. However, when thermally annealed, the
wrinkling phenomenon would not be observed for any of the Asiga MAX printed samples. One
explanation for this wrinkling phenomenon was the presence of pin holes present in the PS thin
film allowed solution to be transported and interact with PDA, thereby decreasing PDA interaction
with PS and thus causing the PS to wrinkle. Thermal annealing allowed PS polymer chain mobility
which could have simultaneously aided to decrease pin hole sizes and improved the physical and
chemical interactions with PDA and prevented the wrinkling effect. However, a more thorough
investigation is required to understand this phenomenon.
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Figure 4.9 Images of control, 1-, 12-, and 24-hour PDA treated Asiga MAX printed culture wells
coated with PS after incubation for 24 hours. Wrinkling as a result of no thermal annealing.
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Thermal annealing was not performed for FormLabs printed samples as they all resulted in
drastic bubbling from gas trying to escape from the grooves that were a result of the print, which
was also a source of poor adhesion. Scotch tape peel tests (Table 4.3) were only performed on
Asiga MAX printed planar substates and did not demonstrate significant differences between
thermally annealed samples prior to incubation but did demonstrate a difference in adhesion after
incubation. Although the control Asiga MAX printed samples did not result in bubbling, they were
easily delaminated by scotch tape both before and after incubation. This indicated that thermal
annealing is required for samples that contain 3D topographies such as culture wells and microtowers to prevent bubbling or wrinkling when placed in an incubator. Additionally, the scotch tape
peel tests confirmed that the adhesion of PS to the substrate was increased with PDA modified
surfaces at each time interval but specifically, 24-hours (Figure 4.10).
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Table 4.3 Summary of adhesion tape peel testing on Asiga printed planar substrates, where the
ratio is function of delaminated PS instances over the number of peel attempts (N=3).
Environment

Treatment

FLC

1-hr PDA

12-hr PDA

24-hr PDA

Non-

As Is

1.00

0.00

0.00

0.00

Incubated

Thermally Annealed

1.00

0.00

0.00

0.00

Incubated

As Is

1.00

0.33

0.67

0.33

Thermally Annealed

1.00

1.00

0.33

0.33

Figure 4.10 Images of annealed PS film on top of control (A) and 24-hour PDA treated (B) Asiga
MAX printed culture wells after 24-hour incubation. (A) Patch of PS film removal as result of tape
peel test (1X) vs (B) no PS film removal even after multiple (5X) tape peel tests.
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4.3.4

Chemical Analysis of PDA Functionalized Surfaces

FTIR spectra of resins from both the printers are provided in Figure 4.11a with identical
profiles as expected since the same FLC resin was used for both printers. From the spectra, a
signature carbonyl (C=O) is observed at 1700 cm-1 with an overtone at 3375 cm-1, an ester (O=CO-R) is observed at 1140 cm-1, an ether (C-O-C) is observed at 1241 and 1052 cm-1 and methyl
(CH3) can be seen at 2954 and 2871 cm-1 [10], [42]. These functional moieties confirmed the
resin’s composition as the peaks coincided with PMMA for the most part, albeit there were two
other peaks to note. One was at 1531 cm-1 that could potentially correspond to a nitrite (NO 2-)
potentially arising from a resin stabilizer molecule. Alkene groups were also observed at 1636 and
815 cm-1, indicating that there were acrylates present possibly arising from uncured resin.
However, since blanket UV post-exposure was performed as a post-processing step, this may not
be likely. The FTIR spectra for 12-hour PDA modified FLCS are provided as well. Although no
significant peaks seem to be apparent, when looking at the fingerprint region closely, a few peaks
confirm the presence of PDA deposition as indicated by the arrows in Figure 4.11a. The sharp
peak at 1636 cm-1, newly formed peak at 1562 cm-1, and sharp peak at 1457 cm-1 correspond to
the amide C=O, N-H, and C-N moieties, respectively, bending vibrations for primary aromatic
amines [43], [44].
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Figure 4.11 FTIR (a) and XPS (b) characterization of FLCS and post PDA surface
functionalization.
XPS is another chemical characterization tool but more specifically, it is a surface sensitive
technique used reveal chemical state information from the elements in the sample [45]. This
analytical technique is based on the photoelectric effect, which involves bombarding the surface
of a material with x-rays and measuring the kinetic energy of the emitted electrons from the
material. Although XPS is an extremely insightful tool, caution needs to be taken when interpreting
data. The review by Stevie and Donley (2020) provides a thorough overview on the technique and
clarifications on many aspects of XPS analysis [45].
XPS was utilized to obtain a survey spectrum of the surface and elemental regions to
determine the surface atomic composition at each step and time interval (Figure 4.11b). Only
carbon, oxygen and nitrogen were present on all surfaces and the total atomic percentage change
as a function of surface modification in provided in Table 4.4. The corona plasma treated samples
had an expected increase in oxygen percentage from 23.11% to 34.87% as observed in the second
step of surface processing but dropped back to approximately 23% after PDA treatment. Corona
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treatment was performed in order to activate the surface of the resin by increasing the number of
carboxyl and hydroxyl groups that could potentially react with PDA. The nitrogen atomic
percentage increased from 5.39% to almost 9.37% as PDA was introduced and continued to
slightly increase with deposition time until 12 hours where it plateaued. The atomic ratios were
calculated at each step and provided in Table 4.4. The ratio of N/C went from 0.065 to 0.136 and
of N/O went from 0.202 to 0.433 from the unmodified surface to 24 hours of PDA deposition. The
ratio of N/C was higher and of N/O was lower than the theoretical values for pure PDA (N/C =
0.125, N/O = 0.5) [46], [47] though they are in the range for experimental variations from theory.
As a result, we believe that these observations indicate that the surface of the FLCS is getting
uniformly coated by PDA.

Table 4.4 XPS atomic percentages at each step of fabrication.
Sample

C

O

N

N/C

N/O

O/C

FLCS

72.21

23.11

4.67

0.06

0.20

0.32

FLCS-Corona

59.74

34.87

5.39

0.09

0.15

0.58

FLCS-PDA 1-hr

67.86

23.92

8.22

0.12

0.34

0.35

FLCS-PDA 12-hr

68.94

21.61

9.44

0.14

0.44

0.31

FLCS-PDA 24-hr

68.99

21.64

9.37

0.14

0.43

0.31

High resolution of XPS spectra of C1s and N1s were further analyzed to investigate the
distribution of functional groups over time to understand the mechanism of PDA modification.
The peak positions and atomic concentrations of respective functional groups at each step is
provided in Table 4.5. Although majority of the functional groups remained similar, there were
some peak shifts, appearances, and intensity variations as observed in Table 4.5. The C1s region
was fit with six peaks assigned to C-C/C-H at ~284.8 eV, C-O at ~285.5 eV, C-OH/C-N at 286.1
eV, C=O at 288.0 eV, O-C=O at 289.1 eV, and π→π^* species [47]. The intensities of hydrophobic
118

functional groups (C-C and C-H) decrease, and hydrophilic groups (C-O and O-C=O) increase
post corona surface treatment as intended to activate the surface prior to PDA functionalization.38
The increase in C=O functional groups after functionalization is attributed to intermediate quinone
PDA species, indicative of degree of PDA deposition and oxidation state. Since no C-O was
observed in the PDA modified surfaces, it is suggested that the C=O groups in quinones are the
major oxygen functional groups. The high fraction of ester species in the FLCS and FLCS-Corona
treated samples, contributed from the PMMA derived commercial resin, begins to decrease with
increasing PDA deposition. The small fraction of O=C-O functional groups observed in the PDA
functionalized substrates may be arising from the resin underneath. However, the appearance of
C1s π→π* shakeup for 12 and 24-hour samples, which is a common energy loss feature
characteristic for aromatic carbon species, suggests that increased intensity reflects increased PDA
deposition. Therefore, 12 and 24-hour samples are more likely to have more aromatic groups to
participate in π-π stacking and hydrophobic interactions, resulting in improved adhesion.

Table 4.5 Summary of XPS functional group abundances of the various surface treated FLCS.

C 1s

N 1s

Peak Positions, eV

FLCS

FLCS-Corona

FLCS- 1-hr PDA

FLCS-12-hr PDA

FLCS-24-hr PDA

284.8 (C-C, C-H)

45

36

54

51

43

285.5 (C-O)

23

16

-

-

-

286.1 (C-OH, C-N)

20

29

36

36

42

288.0 (C=O)

-

-

1

8

9

289.1 (O=C-O)

13

19

8

4

4

291.5 (π → π∗ shakeup)

-

-

-

2

2

398.2 (R=N-R)

-

-

13

11

11

400.0 (R-NH-R)

100

66

68

60

67

401.0 (R-NH2)

-

28

16

29

22

405.0 (R-NO2)

-

6

3

-

-
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The N1s region was fit with four peaks assigned to tertiary/aromatic amine (R=N-R) at
398.2 eV, secondary amine (R-NH-R) at 400.0 eV, primary amine (R-NH2) at 401.0 eV, and nitrite
(R-NO2) at 405.0 eV [48]. Secondary nitrogen species observed for FLCS confirms the FTIR
measurement of nitrogen species. However, the FTIR suggested that the nitrogen containing
functional group is a nitrite species, which is confirmed in the subsequent step samples, FLCSCorona, and FLCS-PDA 1-hour. The corona discharge treatment most likely exposed and formed
hydrophilic groups by etching away at the surface, which explains the introduction of the primary
amine and nitrite groups. The tertiary amine peak appears for all post PDA deposition time
intervals, which is associated with the intermediate tautomeric indole and quinone species of PDA.
Additionally, the nitrite functional group that was associated with the FLCS resin, disappears after
longer PDA deposition times (12 and 24 hours) implying that the surface begins to get completely
covered and will be confirmed in subsequent testing

4.3.5

Morphological and Topological Analysis of PDA Functionalized Surfaces

The morphology of FLCS surfaces post PDA modification printed with DLP printing were
visualized by SEM and AFM as observed in Figure 4.12. Just like SEM, AFM is a microscopic
method, but this technique produces an image from a sample from direct measurement of
topographical displacement of a micro-cantilever scanning on a sample’s surface. Briefly, AFM
functions using a cantilever that is several micrometers long with a molecularly shape probe at the
end which is used to trace the sample topography, detecting the forces between the sample and the
probe with piconewton sensitivity [49]. Thus, this surface characterization technique allows for
reliable direct observation of structures on surfaces at nanometer and atomic resolutions [50].
The SEM images indicated that PDA is deposited as dispersed accumulated
nanoaggregates and with increasing coverage over time. Qualitatively, SEM images depicts
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increased nano-roughness with prolonged PDA deposition but at 24-hours the surface appears like
a smooth film and similar to the as printed substrate (Figure 4.12). The diameter and count of the
aggregates are analyzed using ImageJ (NIH) software image processing tool and provided as
histogram graphs in Figure 4.13. As observed from the histogram graphs with Gaussian fitting, the
aggregates at 1 and 12-hour deposition times are distributed similarly, with the 12-hour deposition
at almost 2X more counts due to more coverage.

Figure 4.12 SEM images of surface topography at each 0- (A), 1-(B), 12-(C), and 24-hour (D)
intervals with extracted PDA island aggregates and respective AFM scans with roughness
measurements.
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Figure 4.13 Gaussian distribution of nanoaggregates processed from SEM images.
The distribution of nanoaggregates at 24-hours drops back down, showing a similar
distribution as the control where there is no deposition of PDA, and peaks at approximately 5 nm.
The 24-hour PDA deposition as compared to the control substrate has almost 3X number of counts
and has higher counts of larger nanoaggregate diameters of material. AFM measurements of the
root mean squared (RMS) roughness is also provided for respective samples in Figure 5. RMS
roughness values indicate that 1-hour deposition had the highest roughness of ~50.63 nm out of
all the samples, with 12-hour roughness dropping to 43.60 nm and 24-hr dropping even further
down from the unmodified surface to 28.68 nm. The 1-hour sample roughness is most likely due
to the incomplete coverage of the original surface and larger PDA nanoaggregates.
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The nanoaggregates form because DA is initially grafted on the surface via covalent
crosslinking and then undergoes self-polymerization creating anchored polymerized PDA
supramolecules which then result in physical aggregation as more PDA gets deposited. There is a
competitive process of aggregation and deposition as proposed by Ding et. al., where DA
monomers are consumed to produce either aggregates in solution or deposit on the surface [47].
The process that prevails depends on the concentration of DA defined by two regimes and a
concentration larger than 1.0 g/L results in a dramatic reduction in the free mean path of DA
monomers therefore increasing the rate of aggregation against the rate of deposition [47]. The
concentrations of our solutions were ~9.5 g/L, therefore lying in regime II where aggregation is
prominent, which may explain the observation of the nanoaggregates for the lower time intervals
at 1- and 12- hours. However, according to our results, given enough time these nanoaggregates
can actually disappear as the concentration of PDA in solution decreases and a uniform layer of
PDA can be achieved as demonstrated in the 24-hour samples.
Although the size and roughness of the PDA deposition was determined, the thickness of
the deposited material was still unknown. AFM was used to examine the thickness of interfaces of
functionalized surfaces created by a step and scanning the profile of this region (N=3). Figure 4.14
shows AFM images of 1-, 12-, and 24-hour treated PDA samples with thicknesses estimated as
~120 nm, ~60 nm, ~60 nm, respectively. Although the 1-hr PDA sample resulted in a thicker
deposition, it was the most inconsistent due to the large non-uniform nanoaggregate deposits as
was observed in Figure 4.12. The profiles of 12- and 24-hr PDA treated surfaces as seen in Figure
4.12b and c, respectively, further confirmed the drastic difference in topography, or roughness,
resulting from the two different time intervals.
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Figure 4.14 Interface AFM images of FLCS coated with 1- (A), 12- (B), and 24-hour (C) PDA.

4.3.6

Wettability and Surface Free Energy Analysis of PDA Functionalized Surfaces

It is well known that surface roughness plays a role in wettability and consequently
adhesion. The extent of adhesive bonds strongly depends on the spreading ability of the deposited
coating on an adherent substrate prior to drying. Wetting describes the interaction of a liquid with
a solid by studying the contact angle at the solid/liquid/gas interface [51]. The wettability of
samples treated with PDA was determined from water contact angles (WCA) (Figure 4.15) as
summarized in Table 4.6. From the trend of WCA measurements, a drop is observed from ~70° to
~41° after 1-hr PDA surface modification and has a unique drop to ~35° and rise to ~48° after 12and 24-hour PDA depositions, respectively. PDA deposition increased the wettability of the
substrate overall and the changes in WCA at different deposition times is most likely due to the
roughness changes observed from AFM imaging. This observed decrease of WCA indicating an
increase in wettability is desired as the PS solution upon deposition will spread on the surface
better and consequently improve adhesion of the dried film [52].
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Figure 4.15 Water contact images of the various surfaces.

Surface free energy (SFE) provides a better understanding of the adhesion between the
dried PS film and the FLCS with PDA modified surface and thus is calculated here. SFE describes
all the physical and chemical properties that have an influence on adhesion. Briefly, SFE is a
thermodynamic quantity that describes the state of equilibrium of the atoms on the surface layer
of materials reflecting the state of imbalance in intermolecular interactions present at the phase
boundary of two mediums [27]. SFE can be calculated indirectly by the Owens-Wendt model that
determines the dispersive (𝛾𝑆𝑑 ) and polar (𝛾𝑆𝑝 ) SFE components separately and the sum is
equivalent to the SFE (𝛾𝑆 ) of the surface of interest:
𝑝

𝛾𝑆 = 𝛾𝑆𝑑 + 𝛾𝑆

(1)

The SFE components can be determined from measurements of contact angles of water (𝜃𝑤 ) and
diiodomethane (𝜃𝑑 ) of the examined materials by the following equations:
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𝑝

𝛾
𝛾𝑑 (𝑐𝑜𝑠𝜃𝑑−1)−1−√ 𝑝𝑑 𝛾𝑤(𝑐𝑜𝑠𝜃𝑤 −1)
𝛾𝑤

√𝛾𝑠𝑑 =

(2)

𝑑

𝑝 𝛾
2(√𝛾𝑑𝑑−√𝛾𝑑 ( 𝑤
𝑝 ))
𝛾𝑤

√𝛾𝑠𝑝 =

𝑑
𝛾𝑤 (𝑐𝑜𝑠𝜃𝑤 +1)−2√𝛾𝑠𝑑𝛾𝑤

(3)

𝑝

2√𝛾𝑤

Where 𝛾𝑑 is the SFE of the diiodomethane; 𝛾𝑑𝑝 =2.6 mJ/m2 and 𝛾𝑑𝑑 =47.4 mJ/m2 are the polar and
dispersive components of SFE of the diiodomethane, respectively [27]. And where 𝛾𝑤 is the SFE
𝑝

of water; 𝛾𝑤 =50.8 mJ/m2 and 𝛾𝑤𝑑 =22 mJ/m2 are the polar and dispersive components of SFE of
water, respectively [27]. Table 3 summarizes the water and diiodomethane contact angles and
calculated SFE of the different surfaces. Overall, the surface functionalization with PDA resulted
in a higher SFE, 52.0-61.3 mJ/m2, comparable to that of just using corona treatment 55.0 mJ/m2.
However, unlike corona treated surfaces, PDA modified surfaces are less likely to undergo aging
and provide additional chemical interactions such as 𝜋-𝜋 bonding to further improve the PS
adhesion.
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Table 4.6. Summary of water and diiodomethane contact angles and surface free energies
calculated by Owens-Wendt model of treated surfaces.
SFE (mJ/m2)

Contact Angles (°)
𝜽𝒘

𝜽𝒅

𝜸𝒅𝑺

𝒑

𝜸𝑺

𝜸𝑺

FLCS

70.4

37.9

28.9

10.8

39.7

FLCS-Corona

48.1

31.2

31.9

23.1

55.0

FLCS- 1-hr PDA

41.0

48.2

23.8

33.1

56.9

FLCS- 12-hr PDA

34.8

44.8

25.6

35.7

61.3

FLCS- 24-hr PDA

48.1

48.2

23.8

28.1

52.0

4.3.7

Biocompatibility Assessment of PDA Functionalized Surfaces

These modified substrates are intended to be fabricated as cell culture wells and
microelectrode array biosensors for in vitro functional assays, therefore, it is necessary to study if
the surface coatings affect cell viability of specific functional cell lines. Cell viability on these
functionalized surfaces were determined utilizing HL-1 cells, rat atrial cardiac myocytes and are
the only cardiomyocyte cell line currently available that can continuously divide, spontaneously
contract, and maintain a differentiated adult cardiac phenotype [53], [54] by both live/dead
fluorescence and trypan blue assays. In Figure 4.16, the in vitro effect of the FLCS surface
modifications on cell viability of the HL-1 cell line at five (5) days-in-vitro (DIV) can be found.
Figure 4.16a studied the ability of confocal microscopy to image through the various layers of the
substrate including FLCS, PDA, and PS. The fluorescence intensities were extracted from the
confocal images and plotted in Figure 4.16b to determine how much of an effect each layer had on
the imaging quality. As expected, each layer contributed to a decrease in fluorescence except for
samples treated with 12-hr PDA, where the fluorescence was near that of the control, and decreased
drastically at 24-hrs. The 24-hr PDA samples drastically changed in color as seen previously in
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Figure 4.7, which can affect cell imaging characterization as observed here. Although 12-hr PDA
substrates resulted in darkening of the FLCS as well, it appears that fluorescence is not affected to
a great extent, making it the best potential coating time frame. The large error range for
fluorescence intensity for 1-hr PDA makes it difficult to draw any concrete conclusions with
respect to this treatment time. Furthermore, cell viability was determined as observed in Figure
4.16c, and it was concluded that all of the materials utilized as substrates were biocompatible as
all the normalized viability percentages and error were above ~85%, an accepted standard for the
HL-1 functional cell line [28]. Interestingly, 1-hr PDA treated samples resulted in large error
ranges in viability as well suggesting that 1-hr coating may not be as reproducible as 12- and 24hour PDA coated samples.
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Figure 4.16 In vitro testing of HL-1 cells by live/dead viability assay on FLCS coated with PDA
and PS using confocal imaging (a), fluorescence intensity analysis of confocal images (b), and cell
viability by trypan blue cell exclusion assay (c).
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4.4 Conclusions
Due to the requirement of small electrode areas for MEAs, a fine insulation technique was
developed for 3D structures. PS in THF was spin-coated on 3D towers and was found to result in
uniform coating that can be tailored in thickness from 1-20 μm. This technique was subsequently
employed on a functional 3D microtower device to reduce electrode sizes (50 × 50 μm2 electrodes)
utilizing a laser micromachining step. SEM imaging and impedance measurements confirmed the
definition of the microelectrodes and impedance properties to match other reported 3D MEAs. In
this work, we further demonstrated the improvement of adhesion between PS and a commercial
resin FLC by first utilizing DLP printing to improve the mechanical surface characteristics and
subsequently functionalization of the surface with PDA. Both methods demonstrated improved
adhesion that was tested by incubation and scotch tape peel tests. The deposition of PDA was
studied in depth to understand the properties aiding in improved adhesion with PS.
Characterization of PDA was performed by FTIR, XPS, SEM, AFM, CA measurements, and in
vitro functional cell culturing. Briefly, 12- and 24-hour PDA modified surfaces resulted in the best
adhesions over 1-hour treated surfaces due to increased availability in aromatic rings that would
participate in intermolecular bonding with the aromatic groups from PS, complete coverage of the
surfaces, and high surface free energies. Although 24-hour PDA surface modification resulted in
the best overall adhesion of DLP printed samples, 12-hour PDA may be best if utilizing
fluorescence assays for confocal imaging. This work reports a biocompatible solution to improving
additive manufacturing processes and adds a key technology to the ever enhancing “Makerspace
Micro/NanoFabrication” technologies. Future work will investigate the effect of PDA in aiding PS
adhesion of various 3D printed topographies and the effects of PDA deposition on electrochemical
properties of metallic transducing elements.
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CHAPTER 5: FABRICATION AND CHARACTERIZATION OF 3D
PRINTED MEAS WITH FUNCTIONALIZED ELECTROSPUN NANOSCAFFOLDS
Adapted with permission from: Azim N., Kundu A., Royse M., Li Sip, Y. Y., Young M., Santra
S., Zhai L., Rajaraman S. “Fabrication and Characterization of a 3D Printed, MicroElectrodes
Platform with Functionalized Electrospun Nano-Scaffolds and Spin Coated 3D Insulation Towards
Multi- Functional Biosystems” IEEE Journal of Micromechanical Systems, 2019. 28(4), p. 606612. Copyright 2019 IEEE.

5.1 Introduction
In addition to enhancing measurement capabilities with 3D electrodes, cell-electrode
coupling needs to be adequately addressed. Culturing limitations arise because the tissue
environment is essentially 3D, therefore, there is an increasing need to extend cell culture matrices
and support scaffolds to 3D as well. 3D cell cultures enable the formation of dynamic, spatial
gradients of soluble factors that influence cellular migration, cell to cell communication and
differentiation [1]. 3D cell cultures can be achieved through scaffold and scaffold-free approaches.
Scaffold-free approaches include aggregate cultures or spheroids, whereas scaffold approaches
typically consist of hydrogels or solid polymeric support materials [2]–[5]. Scaffolds are meant to
surrogate the missing tissue-specialized extracellular matrix (ECM), which plays a key role in cell
attachment, tissue homeostasis, growth, proliferation, differentiation, morphology, polarization,
directional motility, migration and cell spreading [6], [7]. While some cells are able to synthesize
all required ECM components, others require an external source, particularly when grown in
serum-free culture media. Therefore, the synthetic ECM must mimic the extracellular environment
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of the host as best as possible [8]. This would reduce the large mismatch between chemical,
biomechanical and textural properties of cells and synthetic interfacing devices such as MEAs.
The realization of a synthetic ECM material atop 3D topographies is challenging but can
be addressed by adding suitable toolboxes to ‘Makerspace Microfabrication’. The integration of
benchtop processes such as electrospinning could address the requirements of 3D ECM due to the
similarity in the structure of electrospun nanofibers to the structure of collagen (typically 50-500
nm in diameter) [9]. Electrospinning is a fiber fabrication technique that employs electrostatic
charges to produce fibers that can range from 2 nm to several μm in diameter based on fabrication
optimization [10]. Electrospinning is an attractive method for nanofiber fabrication because it has
several advantages, such as versatility, cost effectiveness, ease of use, and ability to control fiber
diameters [10]–[13]. Thus, a synthetic ECM, or scaffold, can be realized by exploiting the
electrospinning technique to address the mismatch problem between cells and the interfacing
device.
By optimizing the chemical composition of the material solution, electrospinning and post
processing parameters, nanofibers can be customized for a variety of unique applications [10],
making this technique very versatile for multi-functional biosystems [14], [15]. These synthetic
ECM scaffolds can further be enhanced by the introduction of auxiliary functionalities such as the
loading of growth factors, proteins, etc. [6]. Such nanofibers can be utilized atop the
microelectrodes to function as selective analyte sensing materials to help realize devices such as
gas sensors [16]–[18]. Another application of nanofibers is as drug delivery systems, where the
fibers can be loaded with various compounds such as therapeutic drugs, nanoparticles, toxins and
metal ions to study the effect of prolonged or controlled release [19]–[24].
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In this study, we present the integration of a synthetic scaffold with drug delivery
functionality, by utilizing electrospun nanofibers, atop the 3D MEAs as can be seen in Figure 5.1.
The 3D Nano Fiber Scaffolds (NFS) are electrospun from two types of polymeric solutions:
polyethylene terephthalate (PET), and a co-polymer blend of poly (acrylic) acid (PAA) and poly
vinyl alcohol (PVA). Although all of the polymers are biocompatible, PET has the advantage of
high mechanical strength and good thermal/chemical stability [25], [26] whereas, PAA and PVA
have advantages of gas permeability, swelling and ability to ionize [27], [28]. The nanofiber mats
were characterized by contact angle studies to determine the wettability of the scaffolding, Fourier
Transform Infrared Spectroscopy (FTIR) to confirm the composition of the material and Scanning
Electron Microscopy (SEM) to determine the morphology of the fiber network. To demonstrate
the versatility of nanofibers beyond applications as scaffolds for 3D MEAs, the electrospun
PVA/PAA nanofibers were functionalized with silver nanoparticles (Ag NP). Specifically, Ag NP
have been shown to demonstrate potent antimicrobial properties [29]–[31]. The characterization
of the Ag NP was accomplished through Transmission Electron Microscopy (TEM) to determine
size and distribution. A disc diffusion study was performed with the platform device where the Ag
NP acted as a bactericide for two bacterial cultures.
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Figure 5.1 Schematic of the 3D insulation and nanoscaffolding process flow - (a) Metallized 3D
towers; (b) 3D PS insulation atop the metallized 3D towers; (c) Insulation ablation using a laser
micromachining process (Laser symbol in green); (d) PET or PVA/PAA nanofiber scaffold (NFS)
deposited on the insulated, laser ablated, 3D MEA by electrospinning.
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5.2 Materials and Methods
5.2.1

PET Nanofiber Fabrication

The Polyethylene Terephthalate (PET) solution was composed of 20 wt% PET (Sigma
Aldrich, St. Louis, MO, USA) dissolved in a mixture of trifluoroacetic acid (TFA) (Thermo Fisher
Scientific, Waltham, MA, USA) and dichloromethane (DCM) (Thermo Fisher Scientific,
Waltham, MA, USA) having a TFA: DCM volume ratio of 70:30. Electrospinning of PET was
performed using a working distance of 12 cm, an applied voltage of 10 kV and a flow rate of 99
μL/hr.

5.2.2

PVA/PAA Nanofiber Fabrication

Poly (vinyl alcohol) (PVA) solutions were composed of 10 wt% PVA (Sigma Aldrich, St.
Louis, MO, USA) and prepared by dissolving PVA (99+% hydrolyzed, Mw 89,000-98,000)
powder in distilled water. In order to dis- solve the solution, water was preheated to 80 ◦C and
magnetic stirring was applied for 4 hours until the solution was fully dissolved. PVA was
subsequently mixed with poly (acrylic acid) partial sodium salt solution (25 wt% in H2O, average
Mw ∼240,000 by GPC) (PAA) (Sigma Aldrich, St. Louis, MO, USA). Once the PVA solution was
fully dissolved, the PVA and PAA solutions were mixed in a 1:2.5 mass ratio and placed under
magnetic stirring for 30 minutes prior to electrospinning. The process of electrospinning of
PVA/PAA was performed at a working distance of 20 cm, an applied voltage of 16.2 kV and a
flow rate of 2 μL/hr. Thermal crosslinking of PVA/PAA prevents dissolution of the nanofiber mats
in solution. After testing different temperatures and times, a 145 °C for 30 minutes crosslinking
step was applied that resulted in intact nanofiber mats that do not dissolve in DI water.
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5.2.3

Functionalization of PVA/PAA Nanofiber Mats

Functionalization of the nanofiber mats was accomplished through the incorporation of
silver into the PVA/PAA electrospinning solution. A solution of silver nitrate (AgNO 3) was
prepared by dissolving crystalline silver nitrate (Fisher Chemical, Waltham, MA, USA) into
nanopure water to make a 0.10 M AgNO3 solution. Silver nitrate was added in excess in order to
ensure proper functionalization. After electrospinning and heat treatment of the mats, the nanofiber
mats containing silver were reduced using a sodium borohydride (NaBH 4) solution. A 0.01 M
sodium borohydride solution was prepared by dissolving sodium borohydride pellets (98% min,
Alfa Aesar, Haverhill, MA, USA) into nanopure water. PVA/PAA nanofibers were submerged in
NaBH4 solution for 1 minute, followed by the removal from the solution and the exposed
nanofibers were rinsed with distilled water.

5.2.4

Fiber Morphology Studies

In order to study the fiber morphology, nanofibers were electrospun into mats and imaged
using Scanning Electron Microscopy (SEM; Carl Zeiss ULTRA-55 FEG SEM, Birkerod,
Denmark). SEM also aided in observing the inter- action of electrospun nanofibers atop the 3D
printed MEAs. Transmission Electron Microscopy (TEM; JEOL TEM-1001, Peabody, MA, USA)
was employed to determine the distribution and size of the Ag NP embedded within the PVA/PAA
nanofibers.

5.2.5

Contact Angle Measurements

Contact angle studies were conducted using an OCA 15EC contact angle measurement
device (DataPhysics Instruments GmbH, Filderstadt, Germany). Contact angle studies were
performed for the following samples: PET, PVA/PAA before thermal crosslinking, and PVA/PAA
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after thermal crosslinking. Four different fiber densities of PVA/PAA after thermal crosslinking
were measured. The four samples differed in the electrospinning time to vary the fiber density, and
included mats that were electrospun for 30 minutes, 1 hour, 1.5 hours, and 2 hours.

5.2.6

Bacterial Studies

The antibacterial properties of the silver-functionalized PVA/PAA nanofiber mats
electrospun atop the 3D MEA devices were characterized as a proof-of-concept toward the
multifunctional biosystems, using two species of bacteria via the disc diffusion method. The
procedure used for the bacterial testing was followed according to that detailed by Bauer et al.
[32]. The bacteria used for this study were Escherichia coli (ATCC10798) and Acinetobacter
baumannii (ATCC19606). The bacterial culture was diluted to a 0.5 McFarland standard and
subsequently used to lawn agar plates to achieve confluent growth of bacteria spread evenly over
the plate. Once the devices were placed in the center of the culture dish, the plates were incubated
at 37 °C for 24 hours. After 24 hours, the zone of inhibition was measured from the center of the
device to the edge of zone.

5.2.7

Fourier-Transform Infrared Spectroscopy

Fourier-Transform infrared spectroscopy (FTIR) was performed for the PS insulation
layer, PET nanofibers, along with the various PVA/PAA nanofibers. FTIR measurements were
conducted using a PerkinElmer Spectrum 100 FT-IR Spectrometer (Waltham, MA, USA) where
1-5 mg of sample was used for each FTIR trial.
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5.2.8

Electrical Characterization of 3D MEAs

Impedance measurements of the MEAs were performed with the 3D MEAs at the various
stages: microtowers, 3D microelectrodes, with and without nanofibers using Bode 100 (Omicron
Labs, Houston, TX, USA) with Dulbecco’s Phosphate Buffer Solution (Thermo Fisher Scientific,
Waltham, MA, USA) as the electrolyte. The impedance scans were carried out from 10 Hz to 1
MHz with a platinum wire (eDAQ, Denistone East, Australia) as the counter electrode.

5.3 Results and Discussion
5.3.1

Scaffolding of 3D MEAs: Optimization and Characterization

As mentioned briefly in this chapter’s introduction, electrospinning is an interesting
benchtop technique that is able to produce fibers with nanoscale diameters. Electrospinning
involves an electrohydrodynamic processes in which a liquid droplet gets charged to generate a
get, which is followed by stretching and elongation resulting in fiber generation [33]. One
advantage of electrospinning is the basic set-up which is rather simple and readily accessible to
almost every laboratory, involving components such as a high-voltage power supply, a syringe
pump, a hypodermic needle and a conductive collector [33]. Another advantage of electrospinning
is the versatility of polymer materials that can be used to produce nanofibers as long as they are
either in solution or melt.
PET-NFS are ready to be used as a scaffold immediately after electrospinning due to the
inertness to aqueous media such as saline solution. However, PVA/PAA-NFS have to be
crosslinked to prevent the dissolution in aqueous media since the fibers are highly soluble in water.
Crosslinking is achieved by heat treatment of the fibers and occurs via a dehydration reaction
where the alcohol group of PVA and the carboxylic group of PAA react to form an ester,
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simultaneously releasing water. Figure 5.2 provides SEM images of PVA/PAA nanofibers before
and after heat treatment. It can be observed in Figure 5.2b that heat treatment resulted in curved
morphologies, fusing of nanofibers and a decrease in interfiber spacing as compared to Figure
5.2a. Fusing was observed between adjacent fibers since crosslinking occurred at the point of
contact. The fibers in Figure 5.2b) compared to Figure 5.2a additionally appear to be larger for the
same reason, the crosslinking and fusing along the length of the fibers increased the diameter of
the fibers. Consequently, fusing resulted in decreased interfiber spacing, which gives rise to bulk
properties of the fiber networks. Interfiber spacing of nanofibers is an important property that is
dictated by the application. Qualitatively, the heat treated PVA/PAA nanofibers resulted in rigid
and water-resistant mats optimized to be deposited on fully packaged 3D microtowers.

Figure 5.2 SEM images of PVA/PAA nanofibers electrospun onto a planar substrate (a) before
heat treatment and (b) after heat treatment.

Figure 5.3a provides the FTIR results for the electrospun PET with a noteworthy peak for
PET at 726 cm−1, which derives from the benzene ring’s interaction with polar ester groups. The
C-O peaks at 1265 cm−1, 1247 cm−1 peak and 1101 cm−1 and the very prominent carbonyl peak at
1715 cm−1, confirm the presence of the ester groups from PET. Finally, the peak at 2961 cm−1
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helps confirm the presence of a methylene group to suggest that the molecule is PET. Figure 5.3b
illustrates four separate FTIR spectra: powdered PVA, PAA solution, and a PVA/PAA nanofiber
mat before and after heat treatment. The peaks and stretching of interest that are examined in this
figure are the broad alcohol group stretching that occurs between 3500-3000 cm−1 and the carbonyl
peak that occurs around 1700 cm−1. As seen in Figure 5.3b, PVA displays the characteristic alcohol
peak and PAA displays the carbonyl peak. The nanofiber mat containing both PVA and PAA
before heat treatment displays both of these characteristic peaks. One of the interesting trends to
examine is the effect that heat treatment has on the PVA/PAA nanofiber mat. After heat treatment,
there was a disappearance of the alcohol peak and a shift in the carbonyl peak from 1703 cm −1
to 1709 cm−1. These changes are both indicative of crosslinking in which an alcohol and carboxylic
acid are converted into an ester.

Figure 5.3 FTIR analysis of (a) electrospun PET and (b) PVA, PAA, and an electrospun mat of
PVA/PAA before and after heat treatment.
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Contact angles (CA) of PET and PVA/PAA from different conditions were measured and
are depicted in Figure 5.4. CA measurements are conducted to examine the wettability of a surface
and the hydrophobic/hydrophilic properties of the nanofibers. In most cases, a contact angle above
90° indicates a hydrophobic surface, while a contact angle below 90° indicates a hydrophilic
surface [34]. The CA of a PET was 135.3° (Figure 5.4a), which was as expected due to the
hydrophobic nature of the material [35]. The CA for PVA/PAA before (Figure 5.4b) and after
(Figure 5.4d) crosslinking was the same and measured to be 0°. When the water droplet was placed
onto the non-crosslinked PVA/PAA mat for CA determination, the mat was immediately
dissolved. This indicates an extremely hydrophilic surface, consequently unstable in solution.
Crosslinking addressed this issue by making the material less hydrophilic with the formation of
ester bonds. Although, the CA for a crosslinked mat, spun for 30 minutes, was measured to be 0°,
it did not dissolve like the untreated mat. At a longer electrospinning time of 1 hour, the CA angle
measurement increased to 52.3° as depicted in Figure 5.4d. Electrospinning time determined the
thickness and consequently the surface roughness and interfiber spacing. As the number of fibers
collected, or thickness, decreases, the amount of interfiber spacing increases. As the amount of
interfiber spacing increases, the ability of the water to disperse within the fiber mesh also increases,
resulting in a lower contact angle. Additional studies on the effect of nanofiber density as a
function of electrospinning time were performed for 1.5 hours and 2 hours and resulted in similar
contact angles of 52.3°, which was obtained for 1 hour of electrospinning. This study indicates that
interfiber spacing is not affected by electrospinning time beyond 1 hour. However, additional
testing is necessary to determine the exact correlation between the interfiber spacing, surface
roughness and contact angle.
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Figure 5.4 Contact angle (CA) imaging results: (a) PET and PVA/PAA (b) before heat treatment,
(c) after heat treatment in an area of the mat with a lower fiber density (electrospinning time of 30
minutes), and (d) after heat treatment in an area of the mat with a higher fiber density
(electrospinning time of 1 hour).

147

Figure 5.5a shows the SEM image of 3D PET nanofiber scaffold (PET-NFS) deposited
atop the 3D MEA. It is clearly seen that the nanofibers interlink between the 3D electrodes
providing effective scaffolding. Figure 5.5b depicts a close-up image of the PET-NFS with a fiber
width of ∼200-500 nm. Figure 5.5c depicts the SEM image of PVA/PAA nanofiber scaffold
(PVA/PAA-NFS) atop the 3D MEA. A close-up of the PVA/PAA-NFS is provided in Figure 5.5d
with average fiber widths of ∼100 nm. An important factor to take into consideration when
fabricating a suitable scaffold material is the morphology and networking of the fibers produced,
as this will have an effect on the functionalized biomedical system such as in vitro cell culture
systems. The PVA/PAA-NFS display several beneficial properties for application as cell culture
scaffolding such as the lack of beading, uniformity of fiber width and the use of non-toxic solvents
for polymer solution prior to electrospinning. PET-NFS contained beading shown in Figure 5.5a
and a larger range in widths as can be seen in Figure 5.5b. In addition, PET electrospinning solution
is composed of TFA and DCM which are toxic and difficult to handle. Therefore, residual solvent
left in or on nanofibers and beads could be detrimental for cells. For these reasons, further
experiments were carried out only with PVA/PAA-NFS. When depositing nanofibers on top of the
3D microtowers, it is important to consider how much is deposited. Figure 5.5c depicts PVA/PAANFS deposited for 1 hour, which resulted in a very dense collection of fiber mat on top of the
electrode. However, the density and number of nanofibers deposited can be controlled by varying
the time of electrospinning.
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Figure 5.5 SEM images of 3D MEA microtowers with electrospun (a) PET-NFS with a (b) closeup view of the PET-NFS showing fiber widths of ∼200-500nm and (b) 3D MEA microtowers with
PVA/PAA-NFS and (d) close-up view of the PVA/PA-NFS showing fiber widths of ∼100 nm.
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Figure 5.6 shows the full spectrum impedance (N=4) and phase response of the 3D
microtower electrodes before and after addition of PVA/PAA-NFS with electrospinning for 30
minutes. It is observed that the magnitude of impedance in the low frequency region (<100 Hz)
increases upon addition of the NFS. This can be attributed to the increased obstruction caused by
the NFS at the electrode/ electrolyte interface leading to an increase in the charge transfer
resistance (RCT). However, at the electrophysiologically significant frequency of 1 kHz, the
impedance remained unchanged (651.3 Ω before and 659.4 Ω after NFS integration). As depicted
in the error bars of Figure 5.6a, a tight statistical distribution of the impedance demonstrates the
reproducibility of the process. The phase spectrum is observed to shift from −75° to nearly 0° and
−55° to nearly 0° for the 3D microtowers with and without the NFS respectively. This implies that
the overall characteristics of the electrode– electrolyte interface in both cases is governed by the
double layer capacitance (CDL) at the mid-frequency band and becomes more resistive at high
frequencies as the solution resistance of the electrolyte begins to dominate the electrode-electrolyte
interfacial impedance [36]–[38]. However, the CDL for the 3D microtowers with NFS is higher
which may be attributed to the increased porosity and surface texturing at the electrode-electrolyte
interface. This also causes the overall impedance to be dominated by the double layer capacitance.
Interestingly, it is observed that the PVA/PAA- NFS did not have an effect on the real part of the
impedance at the electrophysiologically relevant frequency of 1 kHz as demonstrated in Figure
5.6a but did impact the phase as expected in Figure 5.6b due to the aforementioned increase in
capacitance. Hence, the technique is capable of introducing a new modality to 3D MEAs device
with minimal yet beneficial changes to impedance properties.
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Figure 5.6 Electrical Impedance Spectroscopy (EIS) Plots of the (a) magnitude and (b) phase
portions of complex impedance for the large area microtower (N=4) 3D MEAs with and without
PVA/PAA NFS.

5.3.2

Antimicrobial Studies for Silver Functionalized PVA/PAA-NFS

The silver nanoparticle (Ag NP) functionalized PVA/PAA nanofibers were studied using
SEM imaging (Figure 5.7a). It can be observed that the fibers with Ag NP incorporated into the
electrospinning solution do not visually display any signs of silver nanoparticles. However, the
presence of the silver nanoparticles was confirmed using Energy Dispersive X-ray Spectroscopy
(EDX), which was obtained in conjunction with SEM imaging and is provided in the Figure 5.7a
inset. This suggested that the Ag NP are incorporated within the structure of the fibers, rather than
on the surface of the nanofibers. Thus, transmission electron microscopy (TEM) was performed to
visually observe the Ag NP and can be seen in Figures 5.7b – d.
TEM is yet another microscopic technique that allows the crystallographic and chemical
characterization of materials with high resolution [39]. For instance, this technique is able to get
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spatial resolution of subnanometers [40]. In this technique, electrons interact strongly with solids,
where incident electrons are diffracted from the sample and transmitted electrons are those that do
not interact with the sample. Thus, the diffracted and transmitted electrons form the basic TEM
signals, with the diffraction pattern providing crystallographic information on the sample and the
contrast related to electron diffraction providing insight into certain properties of the sample [39].
In Figure 5.7c PVA/PAA Ag NP were formed by reduction from the reducing agent
NaBH4, however, it was found that Ag NP could also be produced from the reduction due to the
functional groups on the PVA/PAA nanofibers. A solution of PVA/PAA with AgNO 3 was allowed
to stir overnight and was electrospun the following day. TEM image of these fibers (Figure 5.7d)
indicated that this method achieved Ag NP similar to that of the reducing agent. Most likely, the
Ag+ ions from AgNO3 had coordinating interactions with the oxygen atoms by electron donation
from either PVA hydroxyl group or PAA hydroxyl and carboxyl groups, resulting in reduced silver
to produce Ag NP [21]. These processes demonstrated the versatility of the electrospinning
technique and significance of the chemistry of materials used to create unique fibers that can be
tailored to specific applications. For instance, in our study, reducing the nanofibers after
electrospinning would not be favorable because the reducing agent would need to be washed away
to prevent any detrimental effects on cells. However, these post processing steps can be avoided
by the formation of the Ag NP prior to electrospinning with the aid of the electrospinning material
as demonstrated. The size of the NPs, measured at ∼5-15 nm, and distribution of Ag NP within
the nanofiber is depicted in Figure 5.8a. The Ag NP were homogeneously distributed within the
nanofiber, which is the darker blurred area in Figure 5.8a.
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Figure 5.7 (a) SEM image with EDS inset of PVA/PAA-NFS with Ag NP clearly depicting an Ag
peak even though the silver NPs are not evident in the SEM images. TEM images of PVA/PAANFS after heat treatment (b) without Ag NP, (c) with Ag NP formed after electrospinning by
reduction (d) Ag NP formed in solution before electrospinning.
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The release and antimicrobial properties were quantified by comparing the zone of
inhibition for two sets of 3D MEAs with electrospun fibers atop of the towers: a control set with
PVA/PAA and a functional set with PVA/PAA with Ag NP, shown in Figure 5.8b. For the first
species of bacteria, Escherichia coli, the zone of inhibition was not present for the PVA/PAA
nanofiber control and averaged to be 8.92 mm ± 0.96 mm for the PVA/PAA nanofibers with Ag
NP. For the second species of bacteria, Acinetobacter baumannii, the zone of inhibition was not
present for the PVA/PAA nanofiber control and averaged to be 9.00 mm ± 0.74 mm for the
PVA/PAA nanofibers with Ag NP. These bacterial studies confirmed the loading and releasing of
this metal nanoparticle (successful antibacterial results) demonstrating a multi-functional 3D MEA
biosystems platform.

Figure 5.8 Characterization of AgNP in PVA/PAA-NFS by (a) TEM showing Ag NP size ranging
from ∼5-10 nm and (b) mean zone of inhibition (N=3) with respective standard deviation error
bars. Bacterial zone of inhibition study demonstrating the successful release of Ag NP from
PVA/PAA-NFS atop the 3D MEAs acting as a potent antimicrobial for two bacterial species.
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5.4 Conclusions
Development of biocompatible 3D scaffolds atop the 3D microtower was performed with
two types of materials: PET and PVA/PAA. PET-NFS resulted in slight beading and larger range
in fiber width, whereas PVA/PAA-NFS were found to have homogenous fiber widths with no
beading. Thus, PVA/PAA-NFS was more favorable than PET-NFS in the intended application as
a scaffold atop of the 3D printed MEA platform. Impedance measurements of devices with
integrated PVA/PAA-NFS demonstrated no significant change with and without nanofibers,
indicating that the introduction of the new modality to the device did not interfere with the
electrical characteristics of the MEA. In order to demonstrate enhanced functionality as a potential
drug delivery system in addition to biosensing, the PVA/PAA-NFS were loaded with ∼5-15 nm
Ag NP. The Ag NP served as a model drug and was characterized by TEM and release was
confirmed by the bacterial-inhibition zones with two different types of bacteria, Escherichia coli
and Acinetobacter baumannii. This study displayed the versatility of nanofibers integrated atop the
3D MEAs in applications, especially as multi-functional sensors. This platform provided an
example of a device ready for an application as a MEA sensor with added functionality as a drug
delivery system. The makerspace toolbox techniques presented in this work demonstrate the
potential for fabrication of 3D MEAs for applications such as monitoring of cell/tissue growth,
proliferation and long-term cultures in vitro, biosensing, pharmaceutical screening or even for
electrochemical sensing, with each application requiring its own level of customization.
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CHAPTER 6: CONCLUSION & OUTLOOK
Microelectrode arrays (MEAs) are biosensors consisting of a grid of substrate-integrated
microelectrodes that permit the non-invasive electrical monitoring of cellular activity by
interfacing with microphysiological systems (MPSs). These biosensors are typically fabricated
employing conventional cleanroom technologies, which inherently present a few of restrictions.
One of these restrictions is the accessibility to cleanroom facilities, which is often limited to
institutions that have them and if so, it is only accessible to those who have specialized trained and
funding to pay for utilization. Another restriction is the complexity of cleanroom technologies in
trying to achieve three-dimensional MEAs (3D MEAs), which address majority of planar (2D)
MEA limitations. Finally, cleanroom technologies are typically used in semiconductor
manufacturing to produce chips for devices with remarkable resolution, however, such
sophistication is not required for most biosensor applications and is typically unnecessary.
Therefore, this dissertation provides an alternative approach called makerspace microfabrication
by using low-cost materials, such as polymers, and benchtop manufacturing/prototyping methods
to produce 3D MEAs.
Initially, a planar MEA was fabricated using cleanroom methods and optimized to address
electrode impedance and cell-electrode coupling limitations. The electrode impedance, and
consequently the signal-to-noise ratio, of the 25 μm diameter gold (Au) microelectrodes on the
MEAs was enhanced by the precise electrodeposition of nanoporous platinum (NP Pt). NP Pt
modified microelectrodes demonstrated not only lowered impedance, but also lowered root-meansquared noise and a larger double layer capacitance as compared to the bare Au microelectrodes.
Subsequently a precision cell plating technique was used as a method to improve the cell-electrode
coupling limitation of 2D MEAs. This method involved small populations of cells to be placed
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precisely on and around a specific electrode as opposed to classical hand plating where cells tend
to cover the entire surface area and have as a result a lower probability of coupling with an
electrode. Although the combination of these two methods provided a highly sensitive and well
coupled biosensing platform, this approach still remained costly and time-consuming, not to
mention inadequate for 3D cellular structures. Rather than attempting to manipulate the cells to
better interface with the device, the device required additional functionalities that would permit
optimal interfacing.
To address this issue, we transitioned our focus to developing and producing 3D MEAs
with the potential for additional functionalization as 3D electrodes provide the ability to adequately
capture signals and perform other functions at certain heights when cell cultures mature to obtain
a 3D form. However, rather than using the cleanroom technologies, we shifted to using makerspace
methods that allowed us to produce prototypes rapidly and cost-effectively. This was first
demonstrated by fabricating a 3D MEA using rapid 3D printing and other makerspace
microfabrication techniques and conventional semiconductor technologies such as metal
deposition. The 3D MEA produced from this method consisted of 250 μm base and 400 μm height
electrodes, however, smaller and controllable microelectrodes consisting of a size of 30 x 30 μm2
were able to be obtained by manipulation of the electrical insulation layer. Upon characterization,
it was found that this makerspace approach showed comparable electrical, electrochemical, and
stability performance with 3D MEAs that are fabricated using much more elaborate, sophisticated,
and cost intensive techniques. Additionally, the 3D MEAs were able to house an MPS, which was
a “Nerve-on-a-Chip®” system, for 10 days in vitro, with improved biocompatibility after defining
appropriate insulation layers. Although a fine insulation method was demonstrated in this study,
utilizing the deposition of silicon dioxide (SiO2) using an electron beam evaporation, we wanted
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to utilize a benchtop method of depositing an insulation layer on the 3D MEAs with an easier to
handle material and something commonly used in biology.
Polystyrene (PS) solution was investigated as a suitable material to deposit an electrical
insulation layer on the 3D MEA, with subsequent benchtop laser ablation to define smaller
microelectrodes. The PS solution used in this study was able to coat the 3D microelectrode
structures consisting of high aspect ratios by a pour-spin-and-cure process due to the solution’s
balance of viscosity and evaporation rate. However, poor adhesion of the PS film to the
underlaying 3D printed resin substrate after exposure to elevated humidity and temperature (cell
culture incubator) was observed. To address this issue, another type of stereolithogaphy printing
called digital light processing (DLP) was utilized and subsequently polydopamine (PDA) was used
to modify the surface of the substrate due to increased hydrophobic and π-π interactions with PS.
Both these methods resulted in improved adhesion of the PS to the substrate by decreasing
topographical roughness and increasing the surface free energy, respectively. This work
demonstrated a biocompatible solution to improving additive manufacturing processes and added
a key technology to the makerspace microfabrication approach.
As a proof-of-concept demonstration, this dissertation explored additional makerspace
approaches to define functionalities on top of the previously fabricated 3D MEA. Development of
biocompatible 3D nanofiber scaffolds atop of the 3D microelectrodes was performed by
electrospinning two types of polymer materials: polyethylene terephthalate (PET) and polyvinyl
alcohol/polyacrylic acid (PVA/PAA). The PVA/PAA nanofibers had more favorable material
characteristics than the PET nanofibers and were used for further studies such as impedance
measurements, where they did not indicate any interference in the electrical characteristics of the
3D MEAs. To go one step further, the PVA/PAA nanofibers were loaded with silver nanoparticles
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(Ag NP) to successfully demonstrate enhance functionality as a potential drug delivery system,
thus displaying the versatility of nanofibers integrated with 3D MEAs.
This dissertation was able to demonstrate the highly flexible and adaptive nature of
makerspace microfabrication to realize 3D MEAs for MPS applications. Rather than using
cleanroom materials that can be expensive, hazardous, and/or stiff, we showed that makerspace
microfabrication technologies can utilize simple polymeric materials. We demonstrated the
versatility of such polymeric materials in the 3D MEA fabrication process in various ways as
polymers were used to fabricate the base structure of the device, define an electrical insulation
layer, improve adhesion by modifying a surface, and even introduce a synthetic scaffold to a
device. Although, transitioning from cleanroom technologies to makerspace technologies meant
potentially sacrificing ultra-fine resolution, the work presented in this dissertation demonstrated
the use of polymer materials defined and carefully engineered can result in structure in the
macroscale all the way down to the nanoscale.
Future work would entail employing the 3D MEAs fabricated in this dissertation to
interface with an MPS and actually monitor and record over a long period of time. Additionally, it
would be interesting to culture cells atop of the synthetic scaffolds to study the difference in
electrical activity. The drug releasing ability could be put to the test with cell cultures by loading
the nanofibers with differentiation initiators that could be released as the undifferentiated cell
culture propagated and matured. Other future work could investigate 3D printing liquid resins as
the first study demonstrated that there are still biocompatibility concerns when culturing highly
sensitive cells such as neural cells, thus new recipes for stereolithography based printing not
utilizing photoinitiators could be an interesting avenue to explore.
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Although, there are still many questions to be answered with our makerspace
microfabricated 3D MEAs, we introduced and continue to develop the ever so growing toolbox of
technologies for a diverse population of users to develop simple devices of their own.

164

APPENDIX A: COPYRIGHT PERMISSION

165

166

167

168

APPENDIX B: ADDITIONAL DISSERTATION WORK – MICROFLUIDIC
CHANNELS
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Microfluidics is another crucial component of a microphysiological system (MPS) as it
provides functions which would be difficult to achieve using traditional cell culturing techniques.
Specifically, microfluidics refers to the features that use microfabricated structures to manipulate
small amounts of fluids in a controlled and defined matter [1]. By integrating microfluidics with
MPS, the cellular microenvironment can be controlled with high spatiotemporal precision [2] and
microfluidic channels can additionally function as interconnections between compartmentalized
chambers [3]. Although, we did not demonstrate any microfluidic chips interfacing with MPS or
3D MEAs in this dissertation work, we did integrate microfluidic chips with two types of
biosensors in different projects, which will be discussed here. Only the information pertaining to
microfluidics is discussed herein, additional information on these two projects can be found in
their respective conference proceedings.
The first project was a collaboration with Mansoorzare et. al., in which a closed-loop
liquid-loaded resonant mass sensor was realized to detect biomarkers in a liquid media with a 3.9
pg resolution [4]. The resonators in this study were embedded within a microfluidic testbed,
fabricated by our group, to realize the closed-loop sensing platform. The microfluidic testbed
consisted of channels that were meant to guide the liquid under test (LUT) to the desired reservoirs
underneath the resonators. The microchannels were fabricated using soft lithography of
polydimethylsiloxane (PDMS) (Sylgard 184, Dow, USA) using a 3D printed mold (Formlabs
Form 2, Somerville, MA, USA), which was subsequently sputtered with gold to enable easy
detachment of the elastomer as depicted in Figure B2.1. The resulting cured structure, or
microfluidic testbed, and resonator chip were treated with plasma for 20 seconds using a Plasma
Etch PE-50 (Carson City, NV, USA) benchtop system and bonded together immediately after. The
liquid-loaded MEMS microbalance platform demonstrated a simple closed-loop operation for
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accurate readouts and current work consists of actually utilizing the platform for detection of
biomarkers within an assay.

Figure B2.1 Process flow for the integration of the microfluidics platform showing the PDMS
casting, routing of formed microchannels, and bonding of the PDMS structure underneath the
resonator microelectromechanical system (MEMS). Image reprinted from [5] with permission,
copyright 2020 IEEE.
The other project that used a microfluidic interface was in collaboration with Castaneda et.
al., in which a multi-modal MEA was realized that enabled successful manipulation of actin
filaments and bundles for electro-mechanical studies by integration of a microfluidic channel [6].
The microfluidic channel introduced micromechanical functionalities that enabled ability to flow
analytes to determine effect of actin electrical responses and ability to stimulate the actin by
laminar flow pressures to study effects of mechanical stimulation. The MEAs for the multi-modal
MEA platforms were fabricated as per Chapter 2. Microfluidic channels were integrated atop the
devices by micromilling (T-8 Mill Tool, T-Tech, Peachtree Corners, CA, USA) a channel (375μm
wide) with inlet and outlet ports on a two-layer polyethylene terephthalate (PET) (Medco Coated
Products, Cleveland, OH, USA) substrate and an adhesive sandwiched between the layers. Each
PET layer was 50μm thick and adhesive was 25.4μm, with a total thickness of ~125μm. One layer
of the PET was peeled off and the remaining PET layer with the adhesive was aligned and bonded
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to the MEA chip. The channel had a length of 1 mm and width of 375μm with fluidic port openings
500μm in diameter. Another layer of PET with adhesive and 500μm diameter micromilled ports
was attached on top of channel to bond and seal the microchannel resulting in the multi-modal
MEA device. Figure B2.2 provides the schematic demonstrating the process flow. Although the
schematic depicts a straight channel, the simplicity of the technique allows for the fabrication of
more complicated channel structures for various functionalities. Here, the microelectromechanical
manipulation of actin filaments/bundles utilizing multi-modal MEAs and extraction of various
characteristics was the first step towards the development of vital in vitro disease models on a chip.

Figure B2.2 Schematic representation of multi-modal MEA device. Exploded view to demonstrate
the MEA chip, microfluidic channel and port openings milled on PET adhesive sheets.
In these two different projects discussed above, we were able to integrate microfluidics to
biosensors intended for biosensing of molecules such as biomarkers and actin protein with closedlooped liquid-loaded resonators and planar MEAs, respectively. We demonstrated additional
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benchtop techniques that could potentially define a microfluidic functionality to our developing
3D MEA platform. In the first study, microfluidic testbeds were realized in an additive manner,
where an elastomer was cured within a mold that was prototyped using a 3D printer and enabled
the fabrication of 3D microfluidic channels monolithically. Whereas in the second study, a
subtractive method was used to form different parts of the microfluidic channel using an adhesive
plastic and then stacked to achieve the final 3D microfluidic structure. Currently, we are pursuing
another unique benchtop technique that combines these two methods to fabricate microfluidic
channels with smaller features for improved manipulation of actin filaments and bundles. These
studies are ongoing and as a result have not been discussed in detail in this Appendix. These
projects demonstrated how other types of polymers can be easily manipulated on benchtop to
define microfluidic channels, a crucial component of not only biosensors, but also MPSs.
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